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SUMMARY 
In tissue engineering research, the regulation of cell behaviors in extra-cellular 
environments with chemical and mechanical signals is crucial for the development of 
cells into desired tissues that can perform physiological functions. The current 
understanding of the cell behavior regulation is limited to signals that can induce 
cytoskeleton rearrangements and cellular deformations. In fact, the cell is a 
complicated and integrated system with numerous intra-cellular proteins, vesicles and 
organelles. The dynamics, distribution and functions of these intra-cellular 
components can greatly influence cell phenotypes and cellular functions. However, 
there is a lack of understanding in these intra-cellular component responses upon cell 
adhering onto a substrate surface. 
 
This thesis reports an intra-cellular organelle response upon cell membrane 
adhering to an extra-cellular surface coated with fibronectin. I have discovered that 
intra-cellular endoplasmic reticulum (ER) tubule dynamics in cellular lamella is 
towards the cell periphery upon cell membrane adhesion and spreading. The ER 
tubules in the lamella can interact with nascent adhesions --- focal complexes and are 
required in the process of focal complex growth (increase of the size of the focal 
complex).  
 
ER tubule dynamics in the lamella, the sheet-like region proximal with 
membrane protrusions, was observed upon cell membrane adhesion onto both the 
fibronectin coated bead’s surface and flat surfaces. The dynamics was mediated by 
the interaction of the microtubule motor protein kinesin with its receptor kinectin on 
 vii
ER membrane. Over-expression of the minimal kinectin-kinesin interaction domain 
(vd4) of kinectin disrupted the interaction and hence inhibited ER tubule dynamics. 
This method was then used to study the consequences of inhibited ER dynamics to the 
cell behaviors such as cell migration and spreading. The interaction of ER tubules to 
focal complexes was required in the growth of focal complexes, whereas the lack of 
ER dynamics resulted in unstable focal complexes in the lamella. In addition, as a 
consequence of the inhibited ER dynamics upon cell membrane adhesion, both the 
cell migration and cell spreading rate were significantly reduced. In conclusion, this 
thesis describes the spatial and functional co-relations of ER tubule dynamics with 
focal complexes in the lamella and with cell behaviors such as cell migration and 
spreading upon the cell membrane adhesion. 
 
The finding of ER’s participation in the growth of focal complexes, cell 
migration and cell spreading implies the possibility that other intra-cellular 
components would also be involved in processes of cell adhesion. With more 
understanding of intra-cellular component regulated cell behaviors, better design of 
extra-cellular environments in tissue engineering with chemical and mechanical 
signals which can induce controllable intra-cellular organelle changes, protein 
expression or vesicle transportation may be applied to achieve the desired cell/tissue 
performance.  
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CHAPTER I AIMS AND APPROACHES 
Tissue engineering has been an active field since the 1990s. The basic concept 
of tissue engineering includes seeding cells to a scaffold where the seeded cells can 
organize and develop into the desired organ or tissue to perform the physiological 
functions before and after implantation (Stock and Vacanti, 2001). Besides the 
passion of design proper scaffolds as the architecture for cell seeding, there is a 
growing interest in understanding the seeded cell’s responses, such as cellular 
deformation (Stella et al., 2008), cytoskeleton rearrangement (Alt-Holland et al., 2008; 
Jaasma et al., 2007; Stella et al., 2008) and intra-cellular organelle dynamics and 
distribution (Nakanishi et al., 2007). The collected data and information of intra-
cellular changes in response to seeding cells in extra-cellular environments with 
chemical and mechanical signals (1) can be used as the guidelines in scaffold 
development (Koegler and Griffith, 2004); (2) is important to help the design of 
precise cell guidance scaffold (Causa et al., 2007); and (3) makes the physiological 
functions of the seeded cells desirable by varying the mechanical or chemical signals 
in an external environment to control intra-cellular responses (Harley et al., 2008; 
Muschler et al., 2004). 
 
The intra-cellular cytoskeleton rearrangement and cellular deformation 
(McBeath et al., 2004; Stevens and George, 2005) have been studied extensively. 
Figure 1 summarizes the well-known intra-cellular responses triggered by the 
interaction of cells with substrate surfaces. Initial interaction occurs in sub-second to 
second timescale; early cell responses take seconds to minutes, involving cytoskeleton 
rearrangement, reinforcement of the linkages between cell-substrate surface and 
cellular deformation (Vogel and Sheetz, 2006). However, there is a lack of in-depth 
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understanding of intra-cellular organelle changes in response to cell adhesion. In fact, 
the intra-cellular membrane organelles not only produce basic materials such as 
proteins (Cox et al., 1997), DNAs (Pasion et al., 1994), ATPs (Drew and 
Leeuwenburgh, 2003) and lipids (Sozio and Crabb, 2008); but also control cell 
metabolisms (Lange et al., 1999). Therefore their dynamics and distribution may play 
important roles in regulating cell behaviors in an external environment. 
 
Figure 1. Illustration of the series of intra-cellular events triggered upon cell-substrate 
surface interactions. The initial interaction occurs in sub-second to second timescale; 
early cell responses take seconds to minutes, involving cytoskeleton rearrangement, 
reinforcement of the linkages between cell-substrate surface and cellular deformation. 
The signals induced by extra-cellular environment can then propagate to the nucleus 
to alter protein expression and adjust cell functions. (Vogel and Sheetz, 2006) 
(Reproduced with permission). 
 
 Although the intra-cellular organelle responses upon the interaction of cells 
with external signals are still poorly understood, studies have found that endoplasmic 
reticulum (ER) resident proteins can accumulate at integrin-induced focal complexes 
in the early phase of interaction of cells with the fibronectin coated bead (Tran et al., 
2002). Integrin receptors mediate the formation of focal complexes and play 
important roles in signal transduction from the extra-cellular matrix (ECM) (Wayner 
et al., 1988). Focal complexes contain proteins that link integrin to the cytoskeleton 
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and recruit signaling molecules such as vinculin, paxillin and focal adhesion kinase. 
The finding of ER resident proteins at focal complexes may suggest the possible 
dynamics and interaction of ER tubules or membrane with structures like focal 
complexes in the newly adhered cell membrane as an early response of cell membrane 
adhesion.  
 
 In this thesis, the ER tubule distribution and dynamics at the cell leading edge 
upon cell membrane adhesion and spreading on the substrate surface is described; and 
spatial and functional co-relations of ER tubules with focal complexes as well as cell 
behaviors such as cell migration and spreading are explained. The hypothesis of this 
thesis is that in the early phase of cell membrane adhesion, ER tubules can extend (the 
dynamics of ER tubules towards the cell periphery) and interact with newly formed 
focal complexes at the cell leading edge via a microtubule membrane protein kinectin 
dependent manner; and the dynamics and specific distribution of ER tubules at the 
cellular lamella is important for the focal complex growth-the increase in size of focal 
complexes (Riveline et al. 2001) and cell behaviors like cell migration and spreading. 
The ECM ligand coated bead is used to induce strong ER accumulation upon the 
interaction with cells (Fig. 2A). This coated bead has been previously used to trigger 
ER resident proteins (Tran et al., 2002), ribosome and mRNA (Chicurel et al., 1998b) 
accumulations at focal complexes. The accumulation of ER around the cell-bead 
adhesive interface will suggest the ER tubule dynamics towards the cell leading edge 
upon cell membrane adhesion (Fig. 2A). ER tubules could extend into the adhered 
cell membrane on the bead’s surface and interact with structures such as focal 
complexes. Since ER dynamics in cytoplasm has been well known to be microtubule-
dependent (Dailey and Bridgman, 1989; Vedrenne and Hauri, 2006; Waterman-Storer 
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and Salmon, 1998), its dynamics in response to cell adhesion could also be 
microtubule related. To address above questions, a flat surface (Fig. 2B) is used for 
cells to attach instead of using a local signal which has difficulty to provide the clear 
view of single ER tubule dynamics. The cell membrane subsequently spread and 
generate a flat lamella region (Dailey and Bridgman, 1989; Waterman-Storer and 
Salmon, 1998); and in vivo studies of ER tubule dynamics will be performed using 
confocal microscopy (Santama et al., 2004). Furthermore, to study the function of ER 
tubule dynamics in cell behaviors, microtubule-ER linkage is disrupted to inhibit the 
ER dynamics at the cell leading edge upon cell membrane adhesion and spreading 
(Ong et al., 2000; Santama et al., 2004; Vedrenne and Hauri, 2006); and its 
consequences in cell membrane extension and focal complexes will be investigated. 
The following specific aims are designed to test the above hypothesis and to validate 
the proposed strategy of investigating ER’s dynamics and function in response to cell 
membrane adhesion.   
The amplified local signal will 
induce a strong ER accumulation as 
evidence suggesting a positive ER 
response near the protrusions or at 
focal complexes upon cell adhesion
The flat surface will provide a 
platform for cells to spread and 
generate flat and thin lamella to 
study the clear ER extension and 
function near the protrusions or at 
focal complexes











Figure 2. Two strategies applied to study ER’s response in cell adhesion. (A) An 
amplified local fibronectin signal on coated bead’s surface is used to prove ER 
accumulation suggesting the positive ER responses; whereas (B) the flat surface with 
fibronectin is used as a platform to study clear ER dynamics and functions. 
 
1.1 Specific aim 1: Investigation of ER dynamics and distribution at the cellular 
lamella upon cell membrane adhesion to substrate surface  
Hypothesis: Upon the adhesion of cell membrane to substrate surface via formation 
of contacts such as focal complexes, the ER tubules, as an early event, can extend and 
distribute into the adhered cell membrane and interact with the focal complexes.  
• The tosyl-activated bead is coated by fibronectin (Chicurel et al., 1998b; Tran 
et al., 2002). The coated bead interacts with HeLa cells to trigger membrane 
protrusions and adhesion around on the bead’s surface. Confocal microscopy 
is used to study the ER distribution and dynamics around the bead. 
• ER structure in HeLa cells are permanently labeled with DsRed2 fluorescence 
protein. Upon the interaction of the coated bead with cells, ER tubules 
accumulate into the adhered cell membrane on bead’s surface. ER 
accumulation at bead-cell interface is evaluated and quantified using confocal 
microscopy. 
• Cell membrane adhesion and spreading are observed on a flat surface; and ER 
tubule dynamics and the interaction with focal complexes into the adhered cell 
membrane are monitored using confocal microscopy. 
 
1.2 Specific aim 2: Investigation of microtubule and kinectin dependent ER 
dynamics at the cellular lamella upon cell membrane adhesion and spreading 
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Hypothesis: The dynamics of ER tubules towards the cell leading edge in the newly 
adhered cell membrane is microtubule dependent; and kinectin is the protein on ER 
that interacts with the microtubule motor protein kinesin to drive the dynamics of ER 
along microtubule towards the cell leading edge.  
• DsRed2-ER HeLa cells with immunostained microtubule are fixed and 
examined for ER-microtubule distribution using confocal microscopy. The ER 
and microtubule dynamics in are monitored in cells co- transfected with 
DsRed2-ER and GFP-microtubule plus end binding protein EB1 (the moving 
of this protein indiates the polymerizing of microtubule) using confocal 
microscopy.  
• Microtubule motor protein kinesin interacts with its receptor kinectin on ER 
and is important for ER tubule dynamics in the cellular lamella. The 
microtubule and ER connection can be disrupted via the over-expression of 
the minimal kinectin-kinesin interaction domain vd4 on kinectin. The resulted 
ER extension and microtubule structure in the leading lamella is examined 
using confocal microscopy. 
• Cells with ER and actin filament double staining are fixed and examined using 
confocal microscopy.  
 
1.3  Specific aim 3: Investigation of the functional consequences of inhibited ER 
dynamics   
Hypothesis: The dynamics of ER tubules towards the cell leading edge and the 
interaction of ER with focal complexes may be important for cell behaviors such as 
cell migration and spreading.  
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• The interaction of ER tubules with focal complex is observed in DsRed2-ER 
HeLa cells using confocal microscopy. In cells with inhibited ER tubule 
dynamics, the sizes and amount of focal complexes are quantified and 
compared against control cells with normal ER tubule extension using ImageJ 
(NIH) software.  
• ER tubule dynamics towards single focal complexes is studied in cells with or 
without ER tubule dynamics into the adhered cell membrane. The protein 
recruitment and sizes of the focal complexes are monitored using confocal 
microscopy and measured by ImageJ software. Focal complexes are labeled 
by transfected GFP tagged integrin β3. 
• Fluorescence Recovery after Photo-bleaching (FRAP) assay is used to further 
examine the co-relation of the recruitment of focal complex proteins with ER 
in the leading lamella. Focal complexes are labeled by transfected GFP tagged 
integrin β3. 
• Cell spreading and migration assay are used to test the functional 
consequences of inhibited ER dynamics and its interaction with focal 
complexes.  
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CHAPTER II  BACKGROUND AND SIGNIFICANCE 
 This chapter presents background information and significance that will 
explain the motivation and rationale for this thesis research. Understanding and data 
collection of cellular and intra-cellular responses upon cell adhesion is critical for 
scaffold development as well as the prediction and control of cellular functions in 
tissue engineering (Chicurel et al., 1998a; Zamir and Bastiaens, 2008). Intra-cellular 
responses, in particular, regulate the cellular metabolism and physiological functions 
in different extra-cellular environments (Chan et al., 2006; Pizzo and Pozzan, 2007). 
Although the cellular deformation and cytoskeleton rearrangement keeps attacking 
people’s interest over the last decade until nowadays, there’s a lack of knowledge of 
the intra-cellular organelle responses upon cell adhesion. This provides the motivation 
to study intra-cellular dynamics and distribution in the early phase of cell-substrate 
surface adhering. ER resident proteins have been found accumulated at focal 
complexes localized in the newly adhered cell membrane via integrin-fibronectin 
interaction, suggesting the possible ER’s dynamics, distribution and function which is 
described and explained in this project. 
 
2.1  Interaction of cells with ECM --- cell adhesion 
2.1.1 Integrin induced focal complex assembly  
 The first step of cell-ECM interaction is the interaction of ECM ligands in an 
extra-cellular environment with their receptors on cell membrane. Integrins are a large 
family of surface receptors that are localized on plasma membrane and share common 
features in molecular structure and functions (Berman et al., 2003). Integrins are 
composed of an α and a β subunits, which form a heterodimer (Zhao et al., 2004). 
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They are involved in interactions of cell with ECM glycoproteins such as fibronectin, 
laminin and collagen (Boettiger, 2007; Plopper and Ingber, 1993). Fibronectin is the 
most common integrin ligand in natural ECM and has been widely used to modify 
scaffold surface in engineered extra-cellular environment (Plopper and Ingber, 1993). 
It is a dimmer consisting of two identical subunits cross-linked by two disulfide bonds. 
The size of fibronectin is 2-3 nm thick and 100 nm long which can be viewed under 
electron microscope (Gao et al., 2006). The RGD sequence on fibronectin, laminin 
and collagen consists of three amino acids: arginine-glycine-aspartic acid and is the 
recognition domain for integrins (Engel et al., 1981). Once the integrins on cell 
membrane interacts with fibronectins in an extra-cellular environment, integrin 
clutering occurs with the immobilization of fibronectins (Fig. 3A). The interaction of 
cells with ECM also involves the spreading and extension of cell membrane on the 
substrate surfaces (Pirone and Chen, 2004). The extra-cellular ligation of integrins 
with fibronectins establishes the linkage between extra-cellular fibronectins and intra-
cellular actin filaments that develops mechanical stresses, which generate intra-
cellular signals and changes that regulate cell functions (Schatzmann et al., 2003; 
Schwartz, 2001). Integrin clustering also triggers the assembly of multi-molecular 
complexes associated with cytoskeleton (Fig. 3A) (Butler et al., 2006; Critchley, 2004; 
Hotchin and Hall, 1995; Levesque and Simmons, 1999). This complex contains 
different proteins, some of which directly mediate or strengthen the mechanical 
linkage between ECM and cytoskeleton, while others participate in adhesion-
mediated signaling (Boland et al., 2000).  
 
The complexes located at the cell periphery, mainly along the leading lamella 
(Zaidel-Bar et al., 2003; Oster 1988) (Fig. 3B), are known as focal complexes (Zaidel-
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Bar et al., 2003). They contain integrin β3 (Ballestrem et al., 2001; Danen et al., 2002), 
vinculin (Rottner et al., 1999), paxillin, α-actinin (Laukaitis et al., 2001) and Arp2/3 
(DeMali et al., 2002). Besides focal complexes, another two forms of ECM adhesions 
have been defined to represent different stages in the interaction of cells with ECM 
(Yamada et al., 2003; Zaidel-Bar et al., 2003). Focal complexes are early adhesions, 
which transform into focal adhesions containing integrin β3 or β1, vinculin and 
paxillin at cell periphery. In contrast, at more central positions, fibrillar adhesions are 
found in association with fibronectin fibrils, containing integrin β1 and tensin. Focal 
complexes are early adhesion, some of which will recruit various structural and 
signaling proteins, and develop into focal adhesions. The recruiting process will 
increase the sizes of the focal complexes from less than 1µm2 (Galbraith et al., 2002a) 
to focal adhesions (1.5 µm long) (Adams, 2001) (Fig. 3B). Focal complexes assembly 
takes minutes (Izzard, 1988) to happen while focal adhesions require much more time 
(~60 min) to become fully established (Zamir et al., 2000). In this thesis research, 
focal complexes with less than 1µm2 are investigated with ER.  
 
The assembly and protein recruitment of focal complexes are important for 
subsequent cell behaviors, such as cell spreading and migration (Galbraith et al., 
2002b). In order to adhere, spread and migrate on the surface, cells must be able to 
apply force to the ECM through integrin receptors. Focal complexes, with the 
recruitment of vinculin, become capable of exerting migration force. They serve as 
the traction sites and stabilize the membrane protrusions for cell spreading and 
migration (Galbraith et al., 2002b). Cell spreading (Ylanne et al., 1993) and migration 
(Kondo et al., 2000) assay have been used to evaluate the assembly and recruitment of 
focal complexes. There are different mechanisms that have been shown to regulate 
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focal complexes and focal adhesions, such as mechanical forces from ECM (Galbraith 
et al., 2002a), actin-myosin complex (Chrzanowska-Wodnicka and Burridge, 1996) 
and Rho-regulated microtubule dynamics (Small and Kaverina, 2003). But little is 
known on the regulation of focal complex assembly and protein recruitment via intra-
cellular organelles, such as ER whose components have been found at focal 
complexes. 
 
Figure 3. Integrin-fibronectin interaction induced integrin clustering and assembly of 
focal complexes. (A) The interation of integrins on cell membrane with RGD domains 
on fibronectins in ECM triggers integrin clustering and the assembly of intra-cellular 
proteins to form focal complex which then develops into focal adhesion. (B) Focal 
complexes distributed at cell periphery, mainly along the leading lamella (Zaidel-Bar 
et al., 2003); focal adhesions at cell periphery connect with actin fibers, allowing the 





















2.1.2 Novel components at focal complexes  
 Besides the classical proteins and structures at focal complexes, studies have 
found some novel components (Fig. 4). Using fibronectin coated beads as local 
signals to induce integrin clustering and focal complex assembly, mRNAs and 
ribosomes (Fig. 4A) have been found recruited and accumulated to the focal 
complexes within 20 min upon the interaction of cells with beads (Chicurel et al., 
1998b). This redistribution of mRNA and ribosomes to the focal complexes may 
explain the rapid increase in protein synthesis that is observed before the detected 
changes in globle transcription in response to substrate adhesion (Chicurel et al., 
1998b). Furthermore, as an early study of novel components at focal complexes, this 
result implies the possibility of recruiting other cytoplasmic components even 
organelles at focal complexes. A later study (Tran et al., 2002) reported the 
recruitment and accumulation of ER resident proteins at focal complexes induced by 
the interaction of cells with beads. Kinectin (Fig. 4B), an integral membrane protein 
found in ER (Kumar et al., 1995; Toyoshima et al., 1992; Yu et al., 1995), serves as a 
receptor for the microtubule motor protein kinesin (Ong et al., 2000; Santama et al., 
2004). It has been found accumulating at focal complexes within 20 min of cell-bead 
interaction. In addition, two other ER resident proteins, RAP (low-density lipoprotein 
receptor-related protein (LRP) receptor- associated protein) and calreticulin have also 
been found to be recruited at focal complexes. This result extends the previous finding 
of the mRNA and ribosomes accumulation at focal complexes to include the 
recruitment of kinectin and a faction of ER. Taken together, these results suggest the 
possibility that recruitment of ER proteins to focal complexes may constitute a novel 
function to integrin clustering or focal complex development. Subsequent studies also 
reported the recruitment of ER protein calnexin (Fig. 4D), calreticulin (Fig. 4C) 
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(Wang et al., 2006) and ER bound protein tyrosine phosphatase 1B (PTP1B) 
(Hernandez et al., 2006) at focal complexes. Using both transmission electron 
microscopy (TEM) and confocal microscopy, ER membrane (Fig. 4E) was found to 
be very close to focal complexes triggered by cells interacting with fibronectin 
modified beads (Becker et al., 2005; Wang et al., 2006).  
 
Figure 4. Novel components found at focal complexes. Focal complexes are induced 
by the interaction of cells with fibronectin coated beads. (A) mRNA and ribosomes 
(Chicurel et al., 1998b), (B) ER resident protein kinectin (Tran et al., 2002), (C) ER 
resident protein calreticulin (Tran et al., 2002; Wang et al., 2006), (D) ER resident 
protein calnexin (Wang et al., 2006) and (E) ER membrane (Becker et al., 2005; 
Wang et al., 2006) have also been found near cell-bead adhesive interface 
(Reproduced with permission). 
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2.2  Interaction of cells with ECM --- cytoskeleton and cell morphology  
2.2.1 Actin filaments in cell adhesion 
The cytoskeleton is a filamentous network of actin filaments, microtubules 
and intermediate filaments (Coudrier et al., 1988). It was first described in eukaryotic 
cells, but research has also found prokaryotic cytoskeleton (Carballido-Lopez and 
Errington, 2003; Shih and Rothfield, 2006). The cytoskeleton network provides intra-
cellular scaffolding on which motor proteins such as kinesin, myosin and dynein can 
translocate to move organelles or generate internal force (Janmey, 1998). Extra-
cellular stimuli can induce cytoskeleton rearrangement and intra-cellular signals via 
the transmembrane receptors such as integrin (Berrier and Yamada, 2007; Lock et al., 
2008). The rearrangement of this network changes the cellular mechanical properties 
and the cell shape in cell adhesion, spreading and migration (Gumbiner, 1996; Ziegler 
et al., 2008). The cytoskeleton changes, in particular actin filaments and microtubules, 
in response to different extra-cellular environments have been studied extensively.  
 
Actin microfilaments are firstly discovered as contracting bundles in muscle 
contraction. They are fine thread-like protein fibers that are 3-6 nm in diameter. Actin 
monomer is a 42 kDa globular protein which forms the basic unit of actin filaments. 
The single proto-filament with polarity is formed by actin assembling end-to-end, and 
two proto-filaments of the same polarity wrap in a helix to form a microfilament. The 
assembly of actin monomer at two ends is of different dynamics, with one end 
designated the barbed end and the other pointed end. The assembly and function of 
actin filaments is regulated by capping proteins and actin monomer binding proteins 
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(Sun et al., 1995), which are sensitive to intracellular signaling (Schafer and Cooper, 
1995; Zigmond, 1996). 
 
When cell membrane interacts with ECM, the interaction between ligands and 
integrins leads to the clustering of integrin heteodimers and the establishment of 
physical connection of integrins to actin cytoskeleton via the recruitment of 
interacting cytoskeletal proteins including talin, vinculin and α-actinin (Ziegler et al., 
2008). Integrin β subunit binds to talin and α-actinin that interact with vinculin. All 
these three proteins can bind to actin cytoskeleton through globular helical domains 
(Fig. 5A).  
 
As mentioned in previous section, when cell protrusions adhere to the 
substrate surface, the contacts formed at cell-substrate adhesive interfaces are focal 
complexes that will develop into focal adhesion after ~60 min. Focal complexes and 
focal adhesions are associated with different sub-domains of actin cytoskeleton 
(Bershadsky et al., 2003). Membrane protrusions and the cell leading edge contain a 
dense and rapidly polymerizing branching network of actin filaments (Fig. 5B) (Heath 
and Dunn, 1978). Focal complexes contain Arp2/3 and associate with an actin 
filament mesh in the leading lamella (DeMali et al., 2002; Heath 1983). The Arp2/3 in 
focal complexes nucleates actin filament growth and mediates their attachment to pre-
existing filaments (Borisy and Svitkina, 2000; Pollard and Borisy, 2003). Instead of 
the actin filament mesh, focal adhesions are connected with densely packed straight 
bundles of actin filaments known as stress fibers (Fig. 5B) (Amano et al., 1997). The 
stress fibers are contractile structures that contain actin-associated proteins, such as 
myosin II. This actin-protein complex can apply forces transmitted to ECM via focal 
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adhesion (Katoh et al., 2001; Matsumura et al., 1998). Cell adhesion is the first step of 
cell spreading and migration; forces generated from the actin-protein complexes are 
essential in both processes. 
 
Studies have reported that the actin filament arrangements in response to 
ECMs with different elasticity and spacing are different (Wehrle-Haller and Imhof, 
2002) (Fig. 5C). For example, actin filament arrangements on surfaces with different 
elasticity and spacing are different. When cells adhere to a rigid surface, a lateral 
force leads to the recruitment of new integrins and adaptors together with actin 
polymerization that result in high density focal adhesions; whereas on a elastic surface, 
the lack of substrate resistance leads to the absence of mechanical distortion that 
result in less actin depolymerization; and on a surface with more spacing ligands, the 
lateral force leads to less adhesion reinforcement and less actin polymerization which 
result in unstable high density focal adhesions (Wehrle-Haller and Imhof, 2002) (Fig. 




Figure 5. Actin filaments arrangement in response to cell adhesion. (A) Actin 
filaments interact with integrins indirectly via adaptor proteins talin, α-actinin and 
vinculin. Red lines indicate the direct binding of talin and α-actinin with integrin; 
green lines indicate the binding of talin, α-actinin and vinculin with actin filaments; 
and blue lines indicate the binding of vinculin with talin and α-actinin. The indirect 
interacts provide connection between actin filaments and ECM, and hence the forces 
generated from actin filament contraction can be transmitted to ECM and vice versus. 
(B) The actin filament mesh distributes at lamellipodia and the leading lamella 
(Ziegler et al., 2008) containing focal complexes. Focal complexes develop into focal 
adhesions that connect actin stress fiber which provide contractile force for cell 
migration (Le Clainche and Carlier, 2008). (C) Actin filament arrangements on 
surfaces with different elasticity and spacing are different. When cells adhere to a 
rigid surface, a lateral force leads to the recruitment of new integrins and adaptors 
together with actin polymerization that result in high density focal adhesions; whereas 
on a elastic surface, the lack of substrate resistance leads to the absence of mechanical 
distortion that result in less actin depolymerization; and on a surface with more 
spacing ligands, the lateral force leads to less adhesion reinforcement and less actin 
 18
polymerization which result in unstable high density focal adhesions (Wehrle-Haller 
and Imhof, 2002) (Reproduced with permission).  
 
2.2.2 Microtubules in cell adhesion 
Microtubules are tubular and hollow filamentous structures with a constant 
diameter of 20-25 nm. They are composed of globular tubulin, which exists as 
heterodimer of α and β subunits of about 55 and 50 kDa respectively. Tubulin 
dimmers align within microtubules with α-tubulins exposed to one end and β-tubulins 
to the other, an arrangement which confers intrinsic structural polarity to microtubules 
(Nogales et al., 1999). The α-tubulin is bound with a GTP that will not be hydrolyzed, 
whereas the nucleotide bound to β-tubulins could be either GTP or GDP. The 
polarized arrays of microtubules provide tracks for the intra-cellular transport of 
membrane-organelles, vesicles and proteins. Microtubules radiate from an organizing 
center (MTOC) adjacent to the nucleus, and extend throughout the cytoplasm towards 
the cell periphery (Lane and Allan, 1998). They display a kinetic polarity that the 
polymerization rate of the plus end at cell periphery is faster than the minus end at cell 
center. Organelles and vesicles moving to the plus ends will be transported to the cell 
periphery; and the cargos traveling to the minus ends will have a peri-nuclear 
distribution. This bi-directional movement system along polarized microtubules plays 
important roles in the transportation in neural axons and the establishment of polarity 
in epithelial cells (Hirokawa, 1998). 
 
Unlike actin filaments, the major function of microtubules is to form a 
polarized network allowing organelles and proteins being transported throughout the 
cell. Studies have shown that the functional state of the focal adhesions can be 
modulated by microtubules (Small et al., 2002a). Interestingly, on one hand 
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microtubules are stabilized by focal adhesions (Kaverina et al., 1998) but on the other 
hand microtubules targeting to focal adhesions seems to promote their disassembly in 
cell migration (Kaverina et al., 1999). The molecular mechanisms behind and focal 
adhesion targeting processes are yet unclear. In addition, co-relations of microtubules 
with focal complexes have not been reported. However, it is known that microtubules 
are involved in the transport and maintenance of ER structure (Dailey and Bridgman, 
1989; Terasaki et al., 1986a; Waterman-Storer and Salmon, 1998); and the spatial 
organization of the ER depends on the presence of functional microtubule network 
(Waterman-Storer and Salmon, 1998). Thus, the study of the spatial organization of 
ER at focal complexes would be useful to understand more functions of microtubule 
in cell adhesion.  
 
2.2.3 Cell morphology in cell adhesion  
Cell morphology, in general, reflects the current cellular task (Blystone, 2004). 
For example, migrating cells exhibit polarized phenotypes; and the spreading cell 
have a flat and uniform shape to all directions. Prior to cell migration and spreading, 
cells need to establish an attachment with the substrate. When cells are seeded onto a 
substrate surface, they form contacts at cell-surface adhesive interface in the time 
scale of milliseconds to seconds (Vogel and Sheetz, 2006). This is followed by a rapid 
increase in attached area by the formation of new contacts at cell-substrate adhesive 
interface; in another word, the cell starts to spread on the surface. The final stage over 
a timescale of hours is the formation of focal adhesions which function as mechano-
sensors that allow the cell to sense and generate forces required for migration or 
further spreading (Vogel and Sheetz, 2006). The forces arising in cell adhesion drive 
intra-cellular rearrangement that result in cellular morphogenesis such as spreading, 
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migration or engulfment of particles. The properties of the scaffold in tissue 
engineering, such as ligand density, ligand types, rigidity and elasticity, play cruicial 
roles to decide cell morphology (Fig. 6) and the subsequent cell behaviors upon 
adhesion (Gumbiner, 1996). The increasing interest in tissue engineering has lead to 
extensive understandings of the co-relation of various cell morphogenesis with their 
ECMs (Marastoni et al., 2008). This promotes the design of new scaffolds with 
different chemoattractances to fulfill different applications (Moroni et al., 2008).  
 
Figure 6. Cell morphologies in response to cell adhesion on different scaffolds. 
Fiberflasts are incubated 4 hr on 3D collagen matrix or 2D collagen array, and 
dramatic difference in cell morphologies are observed as the rigidities and ligand 
patterns are different (Vogel and Sheetz, 2006) (Reproduced with permission). 
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2.3  Cytoskeleton dependent intra-cellular ER dynamics 
2.3.1 Microtubule dependent ER dynamics 
 ER is the largest intra-cellular membrane organelle with multiple functions. It 
is an extensive network emanating from the outer leaflet of the nuclear envelope and 
spreading throughout the cytosol. It has a polygonal network of interconnected 
tubules and cisternae (Voeltz et al., 2002). The extensive distribution maximizes the 
surface area of ER to facilitate its functions in calcium regulation, vesicle 
transportation and protein/lipid synthesis. The newly synthesized proteins undergo 
post-translational modifications in ER lumen before being transported to different cell 
compartments (Kaufman, 1999; Parikh et al., 2005). Such a huge network needs to 
maintain its fine structure and keeps extending towards cell periphery to perform its 
functions throughout the entire cytosol. Single ER tubules has been shown to extend 
into areas with cellular expansion, such as the lamella of migrating or spreading cells 
and growth cones of neurons, to establishing a reticular ER network (Dailey and 
Bridgman, 1989; Waterman-Storer and Salmon, 1998). The retraction of ER to cell 
center has also been observed (Terasaki et al., 1986b; Waterman-Storer and Salmon, 
1998).  
 
The current understanding of ER dynamics is mainly known as microtubule 
dependent (Dailey and Bridgman, 1989; Vedrenne and Hauri, 2006; Waterman-Storer 
and Salmon, 1998). There are a large number of studies showing that microtubules are 
the tracks for ER extension in different types of cells. As early as the 1980s, the co-
relation between the distribution of ER tubules and microtubules has been observed 
by electron microscopy (Masurovsky et al., 1981; Tokunaka et al., 1983). A later 
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study of ER dynamics reported a microtubule dependent ER dynamics using confocal 
microscopy; and two mechanisms of ER movement on microtubules towards cell 
periphery were suggested by Waterman-Storer (Waterman-Storer and Salmon, 1998). 
(1) ER tubules may form and extend from the reticular network towards cell periphery 
by forming a sliding attachment that moved to the plus end of a microtubule (sliding 
mechanism); (2) ER tubule may attach to the polymerizing plus end of a microtubule 
and be dragged along by the tips of polymerizing microtubules to cell periphery (tip 
attachment complex (TAC) mechanism). It is also suggested that in cytosol where ER 
networks are dense and microtubule plus ends are abundant, the TAC mechanism may 
dominates, whereas in regions that have aligned polarized microtubules and 
microtubule shafts are abundant, the sliding mechanism may dominates. For example, 
ER extension after cell division could utilize TAC mechanisms whereas axonal 
transport of ER could utilize sliding mechanism (Waterman-Storer and Salmon, 1998).  
 
No matter in which mechanism, a stable association of ER with microtubule is 
essential for ER structure maintenance and extension (Waterman-Storer and Salmon, 
1998). Studies have shown a couple of proteins or protein complexes that function as 
linkers connecting ER membrane and microtubules. Table 1 summarizes the known 
linkers and their possible functions in ER-microtubule connection. Among them, 
kinesin and its receptor integrated in ER membrane (kinectin) has been shown to 
drive ER’s movement on microtubule; and this kinesin related mechanism is the only 
known mechanism that provides driven force and energy for ER movement on 
microtubule (Waterman-Storer and Salmon, 1998). The inhibition of kinesin with 
antisense oligonucleotides can cause retraction of ER from cell periphery (Feiguin et 
al., 1994), indicating that the kinesin-related mechanism is essential for ER extension 
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along microtubule (Rodionov et al., 1993). The detailed introduction of kinectin on 
ER and its regulated ER extension is in section 2.4 --- Kinectin regulated ER 
dynamics.  
Table 1. Summary of ER-microtubule linkers 
Linker Function 
Kinesin-Kinectin  
Microtubule Mmotor protein kinesin interacts with 
its receptor kinectin on ER membrane to drive the 
ER extension on microtubule (Ong et al., 2000; 
Santama et al., 2004). 
CLIMP-63  
Integral membrane protein CLIMP-63 anchors ER 
to microtubule to maintain the stable ER network 
(Nikonov et al., 2007; Schweizer et al., 1993; 
Vedrenne et al., 2005). 
Huntingtin  
Microtubule associated protein huntingtin links 
ER to microtubule to maintain the stable ER 
network (Huang et al., 2004; Kegel et al., 2005; 
Singaraja et al., 2002; Tang et al., 2003). 
p22  
Microtubule associated calcium-binding protein 
p22 can link ER to microtubule upon a calcium-
induced conformational change and promote ER 
reticulation (Andrade et al., 2004a; Andrade et al., 




ER membrane protein VAP-B can bind to proteins 
bearing a FFAT domain (diphenylalanine in an 
acidic tract, the targeting signal for cytosolic 
proteins to the surface of ER) that modulates ER 
shape (Amarilio et al., 2005; Kaiser et al., 2005; 
Soussan et al., 1999). 
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2.3.2 Actin filaments and ER dynamics  
 Different from animal cells, in plant cells and budding yeast, ER uses actin 
filaments as tracks to move, to extend and to be separated in cell division (Du et al., 
2004). For example, in epidermal cells of Drosera, actin-ER complexes are found in 
cortical cytoplasm. Similar as microtubule motor protein kinesin, in plant cells and 
budding yeast, the motor that links ER to actin filaments and drives ER’s movement 
is myosin V (Langford, 1999; Petralia et al., 2001; Wagner and Hammer, 2003). It has 
been found that although the disruption of actin network will not affect ER structure 
dramatically, the ER movement towards cell center will be perturbed if actin 
assembly or myosin motor function is disrupted (Terasaki and Reese, 1994; 
Waterman-Storer and Salmon, 1998).  
 
Studies also found that in some regions of animal cells that are devoid of 
microtubules, cortical ER (ER distributes near plasma membrane) can move along 
actin filaments (Du et al., 2004). For example, in normal Purkinje neurons, ER 
distributes at dendritic spines, however, in cells from dilute animals (the dilute 
animals carry null mutation of myosin Va heavy chain gene (Mercer et al., 1991)), ER 
membrane is absent at the spines. Using immuno-electron microscopy, the association 
of actin filaments, myosin V and ER in dendritic spines of normal Purkinje neurons 
has been observed (Petralia et al., 2001). In addition, ER vesicles isolated from squid 
axoplasm can move along actin filaments in vitro (Tabb et al., 1998). In Xenopus egg 
extracts, myosin V has been found to co-localize extensively with ER tubules 
(Wollert et al., 2002). All above evidences suggest that actin filaments and myosin V 
may also play roles in ER movement.  
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 A paper published in 2005 (McCullough and Lucocq, 2005) described a 
microtubule-actin dependent mechanism for ER movement in mitotic HeLa cells. It 
has been observed that during mitosis, peripheral ER associates with microtubule 
whereas cortical ER associates with actin filaments. Both microtubule and actin 
filaments can assist the separation of ER network into two cells. However, the 
detailed mechanism remains unclear. 
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2.4  Kinectin regulated ER dynamics 
2.4.1 Introduction of kinectin 
 Kinectin was discovered as an integral membrane protein that interacted with 
conventional microtubule motor protein kinesin in 1992 (Toyoshima et al., 1992) (Fig. 
7). The full-length chicken kinectin cDNA was cloned in 1995 (Yu et al., 1995). The 
human kinectin homologue was identified from human lymphoid cell cDNA library 
and shared 61-70% identity with chicken kinectin (Futterer et al., 1995). Later studies 
isolated kinectin from mouse and fox, whose sequences shared 83% and 89% 
homology with human kinectin respectively (Leung et al., 1996; Xu et al., 2002). The 
primary sequence of kinectin shows a short hydrophobic region at N-terminus which 
is the transmembrane domain (Fig. 7). Lacking of this domain will result in an 
immuno-localization pattern distinctly different from the ER distribution of 
endogenous kinectin (Toyoshima et al., 1992; Yu et al., 1995).  
 
 There are two main kinectin isoforms, with the sizes of 160kDa and 120kDa, 
that have been reported in human and chick (Leung et al., 1996). The N-terminus 
transmembrane domain is missing in 120kDa kinectin (Futterer et al., 1995). However, 
by forming a heterodimer with 160kDa kinectin, the truncated 120kDa isoform could 
be anchored to organelles. In addition, 120kDa kinectin homodimers lacking this 
strong membrane attachment may integral to low density membranes through 
myristoylation or remain soluble in cytosol (Kumar et al., 1998).  
 
 The C-terminus of kinectin contains variable domains that contribute to 
different novel isoforms via alternative splicing (Futterer et al., 1995; Leung et al., 
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1996; Yu et al., 1995). Up to 16 novel isoforms of kinectin have been identified. 
Among them, two different splice variants are reported for human kinectin (Futterer et 
al., 1995), while more variants are found in human hepatocellular carcinoma (Wang et 
al., 2004). In addition, fifteen novel kinectin sub-isoforms have been reported from 
mouse nerve tissue such as embryonic hippocampus and cultured astrocytes (Santama 
et al., 2004). The variable domains at C-terminus interact with different proteins in 
cytosol. For example, the expression of isoforms containing variable domain 2 (vd2) 
are found to be up-regulated in human hepatocellular carcinoma cancerous tissues, 
suggesting that vd2 may be involved in tumor cell proliferation and metastasis (Wang 
et al., 2004); and variable domains 3 and 4 (vd3 and vd4) can interact with kinesin 
and hence drive ER extension along microtubule (Ong et al., 2000; Santama et al., 
2004).  
 
Figure 7. Illustration of Kinectin protein primary structure. The N-terminus of 
kinectin functions as transmembrane domain on ER membrane; leucine zipper domain 
functions in the dimerization of kinectin sub-units; and variable domains at C-
terminus interact with different cytoplasmic components, especially, part of vd3 
domain and the entire vd4 domain interacts with kinesin, the motor protein on 
microtubules (Ong et al., 2000) (Reproduced with permission).  
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2.4.2 Kinectin regulated ER dynamics 
 An early study of the function of kinectin reported its role in membrane 
structure motility because it interacts with the microtubule motor protein kinesin (Ong 
et al 2000). Kinectin antibody inhibits conventional kinesin binding to microsomes 
and reduces organelle motility in vitro (Kumar et al., 1995). The over-expression of 
kinesin binding fragment of kinectin resulted in perinuclear clustering of 
mitochondria, which is strikingly reminiscent of the phenotype in conventional 
kinesin heavy chain deficient cells (Tanaka et al., 1998). Kinectin was also found on 
isolated phagosomes; and its antibody inhibited phagosome motility in vitro (Blocker 
et al., 1997). In addition, the over-expression of kinesin binding fragments of kinectin 
in COS7 cells inhibited the kinesin-mediated redistribution of lysosomes to cell 
periphery, indicating the role of kinectin in lysosome motility (Ong et al., 2000). 
Besides organelles mentioned above, the most mature studies on kinectin mediated 
organelle motility is on ER as the 160kDa kinectin isoform is mainly concentrated in 
ER (Ong et al., 2000; Santama et al., 2004). 
 
 ER extension has been well-known as microtubule dependent (Dailey and 
Bridgman, 1989; Ong et al., 2000; Vedrenne and Hauri, 2006; Waterman-Storer and 
Salmon, 1998). ER membrane can be anchored to microtubule via the interaction of 
the motor protein kinesin with its receptor kinectin (Kumar et al., 1995; Ong et al., 
2000). The driven energy of ER along microtubule comes from the kinesin bound 
ATP hydrolysis. It has been shown that the kinesin-binding domain on kinectin 
resides near the C-terminus and enhances the microtubule-stimulated kinesin-ATPase 
activity (Ong et al., 2000). Kinectin knockdown using siRNA leads to a perinuclear 
ER distribution, indicating the involvement of kinectin in plus-end microtubule 
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directed peripheral ER extension (Santama et al., 2004). Furthermore, the over-
expression of the kinectin transmembrane domain leads to the disassociation of 
kinectin with ER and the reduction in ER extension in 86.7% of cells (Santama et al., 
2004), providing a strong support to the idea that ER extension is kinectin dependent 
via its interaction with kinesin. 
 
 The minimal kinesin-kinectin interaction domain on kinectin has been mapped 
between amino acid residues 1188-1288, which consists of part of variable domain 3 
(vd3, residues 1177-1200) and entire variable domain 4 (vd4, residues 1229-1256) 
(Kumar et al., 1995; Ong et al., 2000) (Fig. 8A). A study published in 2004 has 
reported that the over-expression of different constructs containing kinectin-kinesin 
binding domain leads to collapse of ER network from cell periphery (Santama et al., 
2004). To further confirm this observation, the minimal binding domain (vd4) on 
kinectin has been over-expressed. The over-expressed vd4 domains can compete with 
cellular kinectin to interact with kinesin and hence disrupt the original interaction of 
kinectin-kinesin (Fig. 8B). As a result, significant ER extension reduction has been 
observed in 64.3% of cells (Santama et al., 2004). All these strong evidences have 
suggested that kinectin-kinesin interaction is essential for ER extension to cell 
periphery; and the disruption of this interaction can lead to a reduction in ER 
extension. The strategy of over-expressing vd4 domain to study ER tubule extension 
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Figure 8. The interaction of kinectin and kinesin drives ER extension along 
microtubule. (A) The minimal interaction domain is mapped from residues 1188-1288 
on kinectin. (B) The interaction of kinectin and kinesin drives ER extension on 
microtubule; and the over-expression of the binding domain will compete with 
original cellular kinectin to interact with kinesin and hence leads to the disassociation 
of kinectin from kinesin; the disruption of this interaction will lead to a reduction of 
ER extension to cell periphery. 
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2.5  Significance and rationale of thesis research 
 Cell adhesion has been of particular interest because it plays important roles in 
the regulation of cell behavior, such as the growth, differentiation, migration and 
survival of cells, in different extra-cellular environments in tissue engineering. Cell 
adhesion triggers complicated intra-cellular responses such as cytoskeleton 
rearrangement, cellular deformation, contractile force and protein/organelle 
transportation. These intra-celluar changes will govern and control cell behaviors and 
cell fate in extra-cellular enviornments. Therefore, not only the extra-cellular signals 
can induce intra-cellular changes, but also the intra-cellular signals may modify the 
extra-cellular enviornments which then create new signals to regulate cell behaviors 
(Vogel and Sheetz, 2006). The in-depth understanding of this positive feedback loop 
(Fig. 9) with inter-related extra-cellular and intra-cellular signals is important for 
scaffold design in tissue engineering. For example, periodontal ligament fibroblasts 
(PDLFs) are cells that are involved in the normal maintenance, repair and 
regeneration of both the ligament and adjacent hard tissues. These cells have not only 
the ability to respond to mechanical stimulation but also alter ECM protein synthesis 
in response to specific magnitudes of tensional stress, and hence alter the extracellular 
ECM components and concentration to regulate ligament and hard tissue remodeling 
(Howard et al 1998). However, much of the attention only focuses on the design of 
novel extra-celluar environments and there’s lack of study on intra-cellular responses. 
In order to draw the full picture of interaction of cells with external environment, the 
understanding of intra-cellular events is necessary and more important for the control 
of cell behaviors in scaffold. Hence, in this thesis, a novel intra-cellular event, ER 
tubule extension and function at focal complexes, is studied. 
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 In the past decade, intra-cellular organelles are considered to be passively 
transported to lamella during cell membrane adhesion and spreading. The necessity of 
the intra-cellular organelle presence in cell adhesion are poorly defined (Dormann and 
Weijer, 2006). The ER, a multi-functional intra-cellular organelle, plays important 
roles in protein and lipid biosynthesis, glycosylation, calcium signaling and other 
cellular processes (Voeltz et al., 2002). It has a reticular network with broad intra-
cellular distributions (Vedrenne and Hauri, 2006) as discussed in previous sections. 
Intra-cellular localizations of ER are often associated with specialized cellular 
functions (Levine and Rabouille, 2005). For example, the inositol 1,4,5-trisphosphate 
receptor on the ER membrane localized near the pericanalicular region is responsible 
for polarized calcium waves and functional polarity in rat hepatocytes (Nagata et al., 
2007). STIM1, an ER transmembrane calcium sensor, triggers extra-cellular calcium 
influx via store operated Ca2+ channels only when ER is localized close to the plasma 
membrane (Spassova et al., 2006; Vedrenne and Hauri, 2006). ER fragments are 
transported to the neuronal synapse (Horton and Ehlers, 2003) and contribute to 
localized functions such as local protein synthesis (Wu et al., 2005). ER distributes in 
lamella (Terasaki et al., 1986a), and ER-associated proteins PTP1B affects cell-
substrate focal adhesions via contributing to the maturation of these sites (Hernandez 
et al., 2006). Calreticulin from ER can also affect focal adhesions (Papp et al., 2007). 
Based on these preliminary researches, I studied the accumulation and dynamics of 
ER tubules to focal complexes around the cell-bead adhesive interface was as well as 
in cellular lamella upon cell membrane adhesion and spreading; and I demonstrated 
that the normal ER tubule dynamics and its interaction with focal complexes was 
required in the growth of focal complexes (Riveline et al. 2001) as well as cell 
migration and spreading. 
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Figure 9. The feedback loop of inter-related extra-cellular and intra-cellular signals 
and events regulates cell behaviors. The extra-cellular signals can induce intra-cellular 
changes, meanwhile the intra-cellular signals may modify the extra-cellular 
enviornments which then create new signals to regulate cell behaviors 
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CHAPTER III   MATERIALS AND METHODS 
3.1 Materials 
All chemicals and reagents were purchased from Sigma-Aldrich Pte Ltd, 
Singapore unless otherwise stated. 
 
3.2 Coating of the magnetic bead 
 Human fibronectin (BioScience) was dissolved in sterile water to 1 mg/ml as 
stock and used to modify the surface of Dynabead® paramagnetic (Invitrogen) with 
diameter of 4.5 µm. Beads were pre-acivated with tosyl groups which can be replaced 
by the amine group in any peptide or proteins (Fig. 10). The reaction occurred at 37°C 
at neutral to high pH overnight. Different concentrations of fibronectin (10, 25, 50, 75 
and 100 µg) were used to coat 4×107 beads/ml in one reaction. The binding of 
proteins to the bead’s surface was covalent and the bead were kept at 4ºC after coating. 
Control beads were coated with bovine serum albumin (BSA) (Sigma-Aldrich) using 
the same protocol. X-ray photoelectron spectroscopy (XPS) (Du et al., 2006) is used 
to characterize the coated bead’s surface and Bio-Rad DC (Bio-Rad Laboratories) 
protein assay is used to quantify the fibronectin density on the bead’s surface.  
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Figure 10. Surface activated magnetic beads with tosyl groups that can be replaced by 
amine groups in proteins (Dynabead® Invitrogen). The reaction occurred at 37°C at 
neutral to high pH overnight. 
 
3.3 X-ray photoelectron spectroscopy 
The surface chemical composition of the beads was analyzed by X-ray 
Photoemission spectroscopy (XPS) on a KRATOS AXIS His with Al Kα irradiation. 
All the sample holders and the glass substrates were thoroughly cleaned before use. 
The XPS samples were prepared according to the following procedure. The surface 
modified beads were dispersed in PBS solution. The glass slide substrate was fixed on 
the sample holder with a double-sided spectra-graded tape. A piece of double-sided 
tape was put on the upper side of the glass substrate. A drop of the prepared solution 
4.5um Tosyl group 
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with beads was put on the tape on the glass substrate by a pipette. Subsequently the 
solvent was evaporated, and the samples were further dried under ultra-high vacuum 
over night. Subsequently the XPS spectrum was collected. The carbon binding energy 
284.5 eV was used as the standard for XPS spectrum calibration.       
 
3.4 Bio-Rad DC Protein assay 
Bio-Rad DC Protein assay kits was used to measure the fibronectin 
concentration in solution before and after coating. The fibronectin concentration 
difference measured was used to calculate the fibronectin density on the coated bead’s 
surface. The fibronectin density on beads was determined as:  
 
5 µl of fibronectin solution was mixed with 25 µl of Reagent A and 200 µl of Reagent 
B from Bio-Rad DC Protein Assay kits. The mixed solution was added into a well of 
96-well plate. Different concentrations of BSA solutions were used to create the 
standard curve. The readings were taken by a microplate reader at 490 nm. The 
number of basic and aromatic amino acid per BSA molecular is 159 (Hirayama et al 
1990), whereas the number per fibronectin is 454 (Garcia-Pardo et al 1987) which is 
three time than the number per BSA molecular. The factor of 2.86 (454/159) was used 
to normalize the concentration of fibronectin got using BSA as the standard. 
 
 
Fibronectin density on 






-( ) ×Solution volume 
Number of bead coated × Surface area per bead 
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3.5 Coating of culture dish surface 
Glass culture dish surface was coated with fibronectin at the concentration of 
50 µg/cm2 (BD Bioscience). Fibronectin stock solution was diluted in phosphate 
buffer saline (PBS) to the desired concentration. The diluted fibronectin solution was 
uniformly added on the glass surface and incubated for 1 hr in sterile culture hood. 
Fibronectin was physically absorbed on the culture surface before cell seeding.  
 
3.6 Cell culture 
HeLa cell line was stably labeled on ER network via the permanent 
transfection of pDsRed2-ER vector. The cell line was cultured in Dulbecco’s 
modified Eagle medium (DMEM) (GIBCO® Laboratories, Invitrogen) with 10% of 
foetal bovine serum (FBS) (GIBCO® Laboratories, Invitrogen). The cells were 
maintained in 37°C incubator with 5% CO2. 
 
3.7 Stable transfection of pDsRed2-ER in HeLa cells 
pDsRed2-ER (Clontech) is designed for fluorescent labeling of the ER 
network in living mammalian cells. The vector encodes a fusion protein consisting of 
the ER targeting sequence in calreticulin, the ER retention sequence KDEL and the 
Discosoma sp. Red fluorescent protein (DsRed2) with the excitation and emission 
wavelengths at 558 nm and 583 nm. The permanent transfection of this vector created 
a cell line with stably labeled ER network. 
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3.8 Transfection of integrin β3 
DsRed2 labeled hela cells were seeded 20 hr before transfection of integrin β3 
(a gift from Dr. Alexander Bershadsky) to reach 50% confluence. 2 µg of the 
construct was mixed with 4 µl of Lipofectamine 2000 transfection reagent (Invitrogen) 
in Opti-MEM (GIBCO® Laboratories, Invitrogen) for 20 min at room temperature. 
The transfection mixture was then added to cells in fresh DMEM medium with 10% 
of FBS. Cells with the transfection mixture was incubated at 37ºC incubator with 5% 
CO2 for 3 hr. The medium with transfection mixture was replaced by fresh growth 
medium. 48 hr post transfection, the cells were used for different assays.  
 
3.9 Transfection of pYFP-tubulin and pGFP-actin 
The commercial available pYFP-tubulin vector (Clontech) was used to label 
microtubules in living cells via transfection. pGFP-actin (a gift from Dr. Micheal 
Sheetz) was used to label actin filaments in living cells via transfection. Cells were 
seeded 20 hr before transfection. 1 µg of DNA was mixed with 2 µl of Lipofectamine 
2000 transfection reagent in Opti-MEM for 20 min at room temperature. The 
transfection mixture was then added to cells in new DMEM medium with 10% of 
FBS. Cells with the transfection mixture was incubated at 37ºC incubator with 5% 
CO2 for 3 hr followed by the change of medium to fresh growth medium. 24 hr post 




3.10  Double transfection of vinculin with integrin β3 
pGFP-integrin β3 construct and pCherry-vinculin (gifts from Dr. Alexander 
Bershadsky). Cells were seeded 20 hr before transfection to reach 40% confluence. 2 
µg of integrin β3 construct was mixed with 4 µl of Lipofectamine 2000 transfection 
reagent in Opti-MEM for 20 min at room temperature. The transfection mixture was 
then added to cells in fresh DMEM medium with 10% of FBS. Cells with the 
transfection mixture was incubated at 37ºC incubator with 5% CO2 for 3 hr. The 
medium with transfection mixture was discarded and fresh growth medium was added. 
24 hr post integrin β3 transfection, the cells reached 60% confluence and were 
transfected with vinculin constructs using the same transfection protocol as integrin 
β3 transfection. 24 hr post vinculin transfection, cells were used for the following 
assays. 
 
3.11  Double transfection of vinculin with EB1 
pGFP-EB1 construct and pCherry-vinculin (gifts from Dr. Alexander 
Bershadsky). Cells were seeded 20 hr before transfection to reach 50% confluence. 2 
µg of EB1 construct was firstly mixed with 4 µg of vinculin construct in Opti-MEM. 
10 µl of Lipofectamine LTX transfection reagent was added to the DNA construct 
mixture for 30 min at room temperature. The transfection mixture was then added to 
cells in fresh DMEM medium with 10% of FBS and incubated at 37ºC incubator with 
5% CO2 for 6 hr followed by the change of medium with transfection mixture with 
fresh growth medium. 24 hr post double transfection, cells were used for the 
following assays. 
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3.12  Over-expression of kinectin vd4 domain 
The vd4 domain (amino acid residues 1188-1288) on kinectin was sub-cloned 
into the pEGFP-C1 vector (Clontech) as vd4D vector; the empty pEGFP-C1 vector, 
vd4C, was used as the transfection control. Cells were seeded 20 hr prior to 
transfection of vd4 construct as well as the control vector. 2 µg of the vd4 construct 
was mixed with 4 µl of Lipofectamine 2000 transfection reagent (Invitrogen) and 
incubate at room temperature for 20 min. The transfection mixture was then added to 
cells that were incubated at 37ºC incubator with 5% CO2 for 3 hr. 24 hours post-
transfection, cells were used for different assays. The transfected cells were identified 
by green fluorescence protein (GFP) expression. 
 
3.13  Transfection efficiency 
All cells of DsRed2-ER HeLa stable cell line were in red due to the expression 
of DsRed2-ER fluorescence protein. The pEGFP and pEGFP-vd4 transfected cells 
were in green due to the expression of EGFP fluorescence protein. 90 images of each 
cell type were taken randomly from three independent assays for the calculation of 
transfection efficiency. The numbers of cells in green (successfully transfected cells 
with the expression of GFP tagged vd4 domain or GFP protein) as well as in red (total 
cells) were counted by cell counter of Image J (NIH). The transfection efficiency was 
calculated by divding the cell number in green (successfully transfected cells with the 




3.14  Cell membrane staining 
Cell plasma membrane was stained by CellMask™ Orange Plasma Membrane 
Stains (Molecular Probes®, Invitrogen). Wild type hela cells were seeded on 15 mm 
coverslips in 35 mm plastic dishes or 35 mm glass-bottom dishes for 20 hr in DMEM 
with 10% of FBS. The plasma membrane staining dye was diluted 2000 times in 
DMEM with 10% FBS. The old medium was discarded and 2 ml of DMEM with 10% 
of FBS and the diluted dye was added to cells. The cells were then incubated in 37ºC 
incubator for 10 min. The dye in medium was replaced with fresh growth medium. 
Cells were imaged immediately. The fluorescence of the dye was excited at 554 nm 
and collected at 567 nm. 
 
3.15  Immunostaining of vinculin and paxillin 
Cells cultured on 15 mm coverslips were fixed with 3.7% PFA for 10 min at 
37oC and permeabilized with 0.1% Triton X-100 for 10 min at room temperature. The 
fixed cells were blocked with 1% BSA in PBS for 1 hr prior to incubation with 
appropriate primary antibodies, anti-paxillin and anti-vinculin for 2 hr. The cells were 
washed 5 times in PBS and followed by 1 hr incubation with secondary antibodies, 
FITC-conjugated anti-mouse IgG. The coverslips were washed 5 times with PBS; and 
then mounted using DakoCytomation Fluorescent Mounting Medium on glass-slides. 
 
3.16  Immunostaining of the microtubule 
Cells cultured on 15 mm coverslips were fixed with 3.7% PFA for 10 min at 
37oC and permeabilized with 0.1% Triton X-100 for 10 min at room temperature. The 
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fixed cells were blocked with 1% BSA in PBS for 1 hr prior to incubation with 
appropriate primary antibodies, anti-β-tubulin (Sigma-Aldrich) for 2 hr. The cells 
were washed 5 times in PBS and followed by 1 hr incubation with secondary 
antibodies, Alexa 405-conjugated anti-mouse IgG (Molecular Probe) or FITC-
conjugated anti-mouse IgG (Sigma-Aldrich). The coverslips were washed 5 times 
with PBS; and then mounted in DakoCytomation Fluorescent Mounting Medium on 
glass-slides.  
 
3.17  Phalliodin staining of the actin filament 
Alexa 488 conjugated Phalliodin (Molecular Probe, Invitrogen) was used to 
label actin filaments in fixed cells. Cells seeded on 15 mm coverslips were fixed with 
3.7% PFA for 10 min at 37oC and permeabilized with 0.1% Triton X-100 for 10 min 
at room temperature. The fixed cells were blocked with 1% BSA in PBS for 2 hr prior 
to incubation with phalliodin. Phalloidin was diluted 40 times in PBS prior to the 
incubation with cell for 20 min. The cells were then washed 3 times and the coverslips 
were mounted in DakoCytomation Fluorescent Mounting Medium on glass-slides 
 
3.18  ER tracker staining 
Wild type HeLa cells were seeded on 35 mm glass bottom dish 20 hr prior of 
staining. ER tracker (Molecular Probe, Invitrogen) was diluted 1000 times in DMEM 
with 10% of FBS immediately before use. The old medium was replaced by the 
medium containing ER tracker and incubated with cells for 30 min. The medium was 
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then replaced by fresh growth medium and the cells were placed in the stage 
incubation chamber for viewing by confocal microscopy. 
 
3.19  Cell-bead assay --- fixed cell imaging 
DsRed2 labeled Hela cells were seeded on 15 mm coverslip 20 hr before 
adding beads in DMEM with 10% of FBS. The coated beads were dropped onto the 
cell in serum free medium and interacted with cell surfaces; and incubated with cells 
for 20 min in 37°C incubator with 5% CO2. The purpose of using serum free medium 
was to minimize the effect caused by proteins and peptides in serum in the process of 
integrin-fibronectin interaction. Cells were then fixed with 3.7% para-formaldehyde 
(PFA) and mounted using DakoCytomation Fluorescent Mounting Medium (Dako) on 
glass-slides for the examining using confocal microscopy. 
 
3.20  Cell-bead assay --- live cell imaging 
HeLa cells were seeded on glass-bottom dish for 20 hr before adding beads. 
The dish with cells was placed in the live-imaging chamber at 37ºC with 5% CO2; 
fibronectin coated beads were dropped into the dish with cells in serum free medium 
and interacted with the cell surfaces. Live image series were taken immediately using 





3.21  Cell membrane dynamics observation on flat surface 
HeLa cells were seeded on fibronectin coated glass-bottom dish for 20 hr 
before observing using confocal microsocpy. The dish with cells was placed in the 
live-imaging chamber at 37ºC with 5% CO2. The spreading cell was selected for 
observing membrane dynamics adhering on surface, as well as the ER membrane 
extension in lamellipodia at cell periphery. Live image series were taken using 
confocal microscopy.  
 
3.22  Quantification of ER accumulation around beads 
The ER accumulation at beads was observed using confocal microscopy. The 
ER intensity (around the bead) within an inner ring (with a width of 1µm from the 
edge of the bead) as well as an outer ring (1µm to 2µm from the edge of the bead) was 
measured using ImageJ (NIH). The mean gray level of the inner ring and outer ring 
around the bead were measured as the ER intensity, and the ratio of the inner ring 
gray level to outer ring gray level was calculated, the higher the ratio, the more ER 
accumulation occurred. Cells with the ratio higher than 1 were consider to have ER 
accumulation. Cells showing accumulation were counted versus total observed cell 
number. 
 
3.23  Nocodazole treatment 
DsRed2-ER HeLa cells were seeded on glass-bottom dishes for 20 hr before 
nocodazole treatment. 1µM of nocodazole was dissolved in DMEM medium and 
incubated with cells for 30 min. The drug was then removed by replacing medium 
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containing nocodazole by fresh medium. The structure of microtubule and ER was 
allowed to recover in fresh medium for 20 min before the examination by confocal 
microscopy. 
 
3.24  Confocal microscopy-fixed cell imaging 
The fixed HeLa cells were imaged using LSM510 Meta (Zeiss) and FluoView 
1000 (Olympus). The DsRed2-ER structure and cell membrane was excited by 543 
nm HeNe (LASOS) laser of LSM510 Meta and 543 nm HeNe (Melles Griot) laser of 
FV1000. BP 565-615 nm filter of LSM 510 Meta and BA560 nm IF filter of 
FluoView 1000 were used to collect the emitted fluorescence. The fluorescence of 
GFP tagged vd4 domain, actin, integrin β3 and EB1, Alexa 488-conjugated phalloidin 
as well as FITC-conjugated antibody stained proteins were excited by 488 nm 
MultiArgon (LASOS) laser for LS510 Meta and 488 nm MultiArgon (Melles Griot) 
laser for FV1000. The emitted fluorescence was collected by LP 505 filter of LSM 
510 Meta and BA505-525 nm filter of FluoView 1000. 405 nm Diode (Melles Griot) 
laser in FV1000 was used to excite the Alexa 405-conjugated antibody stained 
proteins. Plan-NeoFluar 100x/1.30 oil immersion objective lens (Zeiss) and PlanAPO 
100x/1.45 TIRFM lens (Olympus) were used. 
 
3.25  Confocal microscopy-live cell imaging 
ER and cell membrane dynamics of live HeLa cells were imaged using 
Olympus FV1000 confocal microscope equipped with a stage incubation chamber 
(MIU-IBC-I, Olympus), which provides 5% CO2 and humidity throughout the 
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imaging process. ER labeled with DsRed2 and cell plasma membrane stained by 
CellMask™ Plasma Membrane Stain were excited by 543 nm HeNe (Melles Griot) 
laser and the emitted fluorescence was collected by BA560 IF emission filter through 
UPlan Apochromat 60x/1.35 oil immersion objective lens (Olympus). Multi-Argon 
488 nm (Melles Griot) laser was used to excite GFP-tagged actin filaments, integrin β 
3 and EB1; the emitted fluorescence was collected by BA505-525 nm emission filter 
with the same objective. ER structure was excited by 543 nm HeNe (Melles Griot) 
laser and the emitted fluorescence was collected by BA560 IF emission filter through 
UPlan Apochromat 60x/1.35 oil immersion objective lens (Olympus). Cherry-tagged 
vinculin were excited by 543 nm HeNe (Melles Griot) laser and the emitted 
fluorescence was collected by BA560 IF emission filter through UPlan Apochromat 
60x/1.35 oil immersion objective lens (Olympus). 405 nm Diode (Melles Griot) laser 
in FV1000 was used to excite the ER tracker labeled ER structure. 
 
3.26   Field Emission Scanning Electron Microscopy (FESEM) 
The bead samples were dispersed in pure water and ultrasonically treated for 2 
minutes. Then the well dispersed suspension was dropped on the double sided carbon 
tape pasted on a metal stub sample holder. The sample on metal stub was dried under 
vacuum. To avoid charge accumulation during FESEM observation, the sample was 
further treated by applying a thin layer of platinum over the bead surface using a high 
resolution sputter coater. Then sample on the metal stub holder was mounted into the 
FESEM chamber for subsequent FESEM characterization using the field-emission 
scanning electron microscopy (FESEM) on a JEOL JSM-6700F operating at 5kV.  
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3.27   Transmission Electron Microscopy (TEM) 
HeLa cells were used to interact with fibronectin coated beads for 20 min. The 
cells were then fixed by 3.7% of PFA for 10 min. A cell scrapper was used to de-
attach cells from the culture dish and the cell pellet was obtained by centrifugation of 
the cell suspension at 80g/min for 3 min. The cell pellet was then embedded in Epoxy 
resin for sectioning. Ultramicrotome was used to cut ultra-sections of 80nm thick. The 
ultra-section of cell pellet was examined by Transmission Electron Microscopy 
 
3.28  Image processing 
12-bit depth images with no saturated pixels were obtained using Olympus 
FV1000. Imaris software suite (Bitplane AG) was used to normalize the number of 
paxillin and vinculin plaques against the cell periphery boundary length. The cell 
periphery boundary length was measured by tracing the outer cell boundaries of the 
cell periphery manually (µm). The size of the integrin plaques were measured using 
software ImageJ. Particle analysis function in ImageJ was used to select and measure 
individual integrin plaque automatically. 
 
3.29  Fluorescence Recovery After Photo-bleading (FRAP) 
GFP-fused integrin β3 construct was transfected and expressed in ER labeled 
Hela cells seeded on 35 mm glass bottom dish. 48 hr post-transfection, the cells were 
placed in the stage incubation chamber (LSM 510 Zeiss) with 5% CO2 at 37ºC. 488 
nm MultiArgon (LASOS) laser with 100% laser power for LSM 510 (Zeiss) was used 
to bleach the GFP signal for 20 sec. The DsRed2-ER structure was excited by 543 nm 
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HeNe (LASOS) laser of LSM 510 and the signals of newly recruited GFP-fused 
integrin β3 was excited by 488 nm MultiArgon (LASOS) laser. Images were taken 
every 2 min to monitor the recruitment of focal complexes. 
 
3.30  Cell migration assay-wound healing migration assay 
cDNA over-expressed cells or morpholino transfected cells were seeded in 24-
well plate and cultured to confluence overnight in complete media. The cell 
monolayer was scratched in the middle with a pipette tip to create a wound. Cells 
adjacent to the wound migrated into the wound center. Images were captured using 
light microscope at 0 hour and 24 hours after wound generation. The images were 
used to quantify the migration rate of the cells using ImageJ software (National 
Institute of Health (NIH), USA). Migration was calculated as the area of the wound 
healed after 24 hours divided by the initial wound area. 
 
3.31  Cell migration assay – chemotaxis induced migration assay 
5 X 104 cells were re-suspended in serum free DMEM and seeded onto the 
upper membrane surface of 24-well plate polycarbonate inserts (Millipore) with pore 
size of 8µm and placed in a 24-well plate. DMEM with 10% of serum was then added 
into the wells and contacted with the outer side of the inserts to generate a gradient of 
serum. Cells were allowed to migrate at 37°C in 5% CO2 incubator for 3 hours. The 
cells on inserts were then fixed by 3.7% PFA and washed 3 times with PBS. The 
remaining cells on the inner layer of the insert membrane were removed. The cells on 
the outer layer of the insert membrane were then stained with trypan blue solution 
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(Fluka Chemika) and washed 3 times with PBS. 20 images of the cells on each inserts 
were captured under light microscopy and cell numbers in each image were quantified 
using ImageJ software. 
 
3.32  Cell spreading assay 
HeLa cells with or without kinectin knockdown were typsinized and seeded 
immediately on fibronectin modified surface. Images were taken at 0 hr, 1 hr, 2 hr, 3 
hr, 4 hr, 5 hr and 6 hr after cell seeding using light microscopy. 10 images were taken 
randomly for each time point. 90 cells for each time point from three independent 
assays were used for quantification. The numbers and areas of spreading cells were 
measured by ImageJ.  
 
3.33  Knockdown of Climp-63 
Human CLIMP-63 sequence (GeneBank accession number NM_006825.2) 
was used as the template for synthesis of a CLIMP-63 specific siRNA (5’-
CCAAAUCCAUCAACGACAATT-3’) targeting nucleotides from 818-836 bp. The 
CLIMP-63 siRNA was delivered into HeLa cells via Lipofectamine 2000 (Invitrogen). 
Proteins extracted from CLIMP-63 siRNA transfected cells (48 hours post-
transfection) were analyzed by SDS-polyacrylamide gel (12.5%) electrophoresis 
(SDS-PAGE); and immunoblotted with mouse anti-human CLIMP-63 antibody 
(Alexis® Biochemicals) and mouse anti-human β-actin antibody (Sigma). β-actin was 
used as internal control. The primary antibody binding was detected with Horseradish 
Peroxidase (HRP) conjugated anti-mouse IgG secondary antibody (Sigma). 
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Microscopic evaluation of the morphology and organization of ER was carried out 48 
hours post-transfection.   
 
3.34   Western blot 
Proteins extracted from CLIMP-63 siRNA transfected cells 48 hours post-
transfection were separated by SDS-polyacrylamide gel (12.5%) electrophoresis 
(SDS-PAGE), transferred to PVDF membranes by wet electroblotting and 
immunoblotted with mouse anti-human CLIMP-63 antibody (Alexis® Biochemicals) 
and mouse anti human β-actin antibody (Sigma). The primary antibody binding 
processed for ECL detection (Amersham Pharmacia Biotech) with HRP-conjugated 
anti-mouse IgG (Sigma). β-actin was used as an internal control. Microscopic 
evaluation of the morphology and organisation of ER was carried out 48 hours post-
transfection. 
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CHAPTER IV ER ACCUMULATION AND DYNAMICS IN CELLULAR 
LAMELLA UPON CELL ADHESION 
 
4.1   Abstract 
In this chapter, the bead with fibronectin coated surface was used as an 
amplified signal to induce ER accumulation and dynamics at cell-bead interface. The 
ER accumulation around the coated bead in fixed samples was observed by both 
confocal microscopy as well as Transmission Electron Microscopy (TEM). In live 
confocal imaging, ER tubules were observed moving along the coated bead’s surface, 
indicating that the ER accumulation was a result of ER dynamics upon cell-bead 
interaction. To further study a clear ER tubule dynamics, cells were seeded onto a flat 
surface; and the cell memebrane adhesion followed by extension generated a flat and 
thin lamella region at cell periphery. ER tubule dynamics was observed towards the 
the cell edge by confocal microscopy upon cell membrane adhesion and spreading. 
Interestingly, ER tubules were also found to interact with focal complexes in the 
lamella. Taken together, the results in this chapter described the ER structure 
distribution and dynamics at the cellular lamella formed upon cell membrane 
adhesion and spreading.  
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4.2   Results  
4.2.1 Coating of fibronectin on the bead’s surface 
The bead used in this thesis have been used to induce the accumulation of ER 
resident proteins (Tran et al., 2002), mRNA and ribosomes (Chicurel et al., 1998b) at 
focal complexes. The detailed introduction of the fabrication, characterization and 
applications of the bead is discussed in Appendix A. The surface of the bead is tosyl-
activated. By replacing the tosyl group on the bead’s surface with the amine group in 
proteins, protein molecules can be covalently coated onto the bead’s surface. 
Fibronectin, laminin and collagen as natural cell adhesion ligands were coated on the 
bead’s surface. The Arg-Gly-Asp-Ser (RGDS) peptide sequence of these ligands can 
interact with integrin receptors on cell membrane and hence induce the adhesion of 
the bead to the cell membrane (Salsmann et al., 2006). The replacement of tosyl 
groups by amine groups can cause the change of chemical components on the bead’s 
surface. The chemical change can be detected by XPS as shown in Fig. 11. In contrast 
to the un-coated bead’s surface, a new peak corresponding to N1s (binding energy, 
400eV) introduced by the coating of proteins appeared in the spectra of the coated 
bead (Du et al., 2006).  
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Figure 11. XPS wide scanning spectrums of the un-coated bead’s surface versus the 
protein coated bead’s surface. The surface chemical compositions of beads were 
analyzed by X-ray Photoemission spectroscopy (XPS) on a KRATOS AXIS His with 
Al Kα irradiation. The new N1s (nitrogen) peak was detected in (B) after the coating 
of protein comparing with the spectrum of the un-coated bead (A), indicating the 
successful coating of the bead’s surface by proteins. 
  
 Besides the chemical examination of the coated bead’s surface, I also observed 
the un-coated and coated bead’s surface by Scanning Electron Microscopy (SEM). 
Fig. 12A shows the SEM photo of un-coated bead’s surface with the magnification of 















































density of 0.723 µg/cm2 and 1.5 µg/cm2 respectively. The coated bead’s surface is 
rougher than the un-coated surface due to the coating of protein molecules (black 
arrows in Fig. 12B and Fig. 12C), indicating a succeful coating of protein onto the 
bead’s surface. However, when the fibronectin density increased from 0.723 µg/cm2 
to 1.5 µg/cm2, protein aggregation occured on the bead’s surface (larger protein 
aggregates observed as shown in Fig. 12C, black arrows). As a result, bead-bead 
interaction and clusters of beads were observed when the fibronectin coating density 
was higher than 0.723 µg/cm2. The clusters of beads could be due to the 
multimerization of fibronectin molecules on different beads’ surface. The bead-bead 
interactions greatly affected the cell-bead interaction in the following cell-bead assays; 
therefore in this thesis the highest fibronectin density used for cell-bead interaction is 
0.723 µg/cm2.  
 
Figure 12. Scanning Electron Microscopy (SEM) photos of the surface of the un-
coated bead versus the fibronectin coated bead. (A) the bead’s surface without coating 
of fibronectin (x 190,000); (B) the bead’s surface with 0.723 µg/cm2 fibronectin 
coating, that is rougher than the un-coated surface (A). The black arrows indicate the 
fibronectin on the surface; (C) the bead’s surface with ~1.5 µg/cm2 fibronectin coating, 
large fibronectin molecule aggregation occured as indicated by the black arrows in 
(C); the surface is rougher than (A) and (B). 
 
The fibronectin coating efficiency was around 70 % to 80 % (Fig. 13). By 
measuring the protein concentrations before and after coating the bead, the fibronectin 
concentration and density on the bead’s surface were calculated as in Table 2. The 
Un-coated bead 0.723 µg/cm
2 fibronectin 
coated bead




density of fibronectin was ranging from 0.051 µg/cm2 to 0.723 µg/cm2. Studies 
reported significant effects on cell spreading and adhesion by coating the substrate 
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Figure 13. Fibronectin coating efficiency on the bead’s surface. The coating 
efficiency is around 70 % to 80% when 100 µg of fibronectin was used to coat 40 
million beads. Error bars represent mean ± s.e.m. n=3 independent experiments. 
 
Table 2 Fibronectin concentration and density on the coated bead’s surface 
Fibronectin added to 4×107 
beads (µg) 
10 25 50 75 100 
Fibronectin coated on 4×107 
beads (µg) 
5.2 19.8 44.1 59.3 73.5 
Fibronectin amount per bead 
(µg) 
1.3×10-7 5.0×10-7 11.0×10-7 14.8×10-7 18.4×10-7
Fibronectin concentration 
/density on bead (µg /cm2) 
0.051 0.197 0.432 0.582 0.723 
Fibronectin molecular 
amount/µm2 
698 2698 5917 7972 9904 
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4.2.2 The interaction of the cell membrane with the coated bead 
HeLa cells were cultured in DMEM (culture medium) in a 20 mm glass 
bottom dish and the cell membrane was stained by CellMask™ Orange Plasma 
Membrane Stains (Molecular Probes®, Invitrogen). Fibronectin coated beads 
(fibronectin density of 0.723 µg/cm2) were dropped onto the seeded cells and 
interacted with the stained cell membrane. Upon the interaction of the cell with the 
coated bead, the extended cell membrane on the bead’s surface was observed (Fig. 
14A, indicated by the arrow in upper panel) around the bead in the X-Y view of a 
single focal plane of the cell by confocal microscopy. The single focal plane reflects 
the information scanned by a laser beam in a single layer of a cell. In the upper panel 
of Fig. 14A, the dense ring pointed by the arrow indicates the cell membrane around 
the bead; however in the surrounding region, there’s no focused cell membrane 
implying that the position of the cell membrane around the bead is higher than the 
surrouding cell membrane. The lower panel of Fig. 14A shows the X-Z view, which is 
a stack of multi-single focal planes, indicating the cell membrane position along the 
bead’s surface. Furthermore, the time course Z-stack images of the cell were taken by 
confocal microscopy to re-construct the three-dimensional (3D) view of the cell-bead 
interaction. In Fig. 14B, the 3D cell reconstruction is a set of 20 focal planes acquired 
at each time point by a confocal microscopy.  Cell membrane was observed wrapping 
around the coated bead. In addition within 5 min, the cell membrane sent out new 
membrane protrusions as indicated by the white arrows. This result may indicate the 
possibility that the previously reported accumulation of mRNA, ribosomes (Chicurel 
et al. 1998) and ER resident proteins (Tran et al. 2002; Wang et al. 2006) around 
fibronectin coated beads might occur within the extended cell membrane on the 
bead’s surface.  
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Figure 14. Cell membrane around the coated bead’s surface. HeLa cell membrane was 
stained by CellMask™ Orange Plasma Membrane Stains (Molecular Probes®, 
Invitrogen). (A) X-Y view (upper panel) of the single focal plane of the cell shows the 
cell membrane around the bead as a dense yellow ring; and the X-Z stack of multi-
single focal planes (lower panel) shows the cell membrane position along the bead’s 
surface. (B) The 3D reconstruction of the cell membrane on the bead’s surface was a 
set of 2D focal planes at each time point. The new protrusions (pointed by arrows) of 
cell membrane on the bead’s surface was observed. Beads located at centers of the 
rectangle boxes; Scale bar, 5 µm. 
0 min 1 min 2 min 
3 min 4 min 5 min 
B A 
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4.2.3 The accumulation of ER structure around the coated bead 
The bead was coated with the same density of fibronectin, laminin and 
collagen (0.7 µg/cm2). The HeLa cell was stably transfected by pDsRed2-ER 
construct to make a stable DsRed2-ER HeLa cell line (with the permanent staining of 
ER tubules and networks). Fig. 15 shows the ER accumulation around the coated bead 
(indicated by the white arrows) by different types of ligands. More than 50% (Fig. 
15D, quantitaion value at the lower left corner) of cells interacting with fibronectin 
coated beads showed ER accumulation, while only 9.2% and 10.9% (Fig. 15B and 
15C, quantitaion values at the lower left corners)of cells interacting with laminin and 
collagen respectively showed ER accumulation. When the coating density of ligands 
is 0.7 µg/cm2 on the bead’s surface, fibronectin showed the best effect in inducing ER 
accumulation. In the following assays, fibronectin was selected to study the ER 
accumulation and dynamics around the bead and in cellular lamella. 
 
Figure 15. ER accumulation around the bead coated with different ligands. The bead 
was coated with BSA as control (A), laminin (B), collagen (C) and fibronectin (D) 
with the same density: 0.7 µg/cm2. White arrows point to the positions of the beads 
with the accumulated ER. Fibronectin coated beads (D) induced more than 50% of 
cells showing the clear ER accumulation around the bead comparing with laminin (B) 
and collagen (C). Insets in the lower right corner of each image are the overlap of ER 
channel with transmission channel. 90 cells from three independent assays were 
quantified for each ligand.  
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DsRed2-ER HeLa cells was used to interact with coated beads (fibronectin 
density of 0.723 µg/cm2), and the accumulation of ER was observed (Fig. 16A, 
indicated by the arrow in upper panel) around the bead’s surface from the X-Y view 
of a single focal plane of the cell by confocal microscopy. Similar as the cell 
membrane around the bead, the X-Z stack (Fig. 16B) of multi-focal planes of the ER 
structure in the cell showed the ER membrane along the bead’s surface. Since higher 
fibronectin density causes stronger adhesions between beads and cells (Gallant et al., 
2005; Garcia, 1997), the fibronectin density on the bead’s surface was increased from 
0.051 µg/cm2 to 0.723 µg/cm2, and I observed that the number of cells showing the 
ER accumulation around beads after 20 min of cell-bead interaction increased from 
5.3% to 53.6% respectively (Fig. 16B). In addition, the intensity of accumulated ER 
around the bead increased significantly with the increase of the fibronectin density on 
the bead (Fig. 17). This result may imply that the amount of ER accumulated around 
beads increased with the increase of the adhesion strength.  
 
Figure 16. ER accumulation around fibronectin coated bead’s surface. DsRed2-ER 
HeLa cells were used to interact with fibronectin coated beads. (A) The X-Y view 











the bead; the X-Z stack (lower panel) of multi-focal planes showed the ER structure 
along the bead’s surface. (B) The number of cells showing ER accumulation 
increased with the increase of the fibronectin density on the bead’s surface. Insets are 
the overlap of ER channel and transmisstion channel. Numbers at the top of each 
image indicate the densities of fibronectin coated on the bead’s surface. Numbers at 
lower left corners are the percentage of cells showing the accumulation of ER after 20 
min of cell-bead interaction. Arrows indicate the positions of beads. 90 cells from 
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Figure 17. Quantification of ER accumulation. The ER intensity (around the bead) 
within an inner ring (with a width of 1 µm from the edge of the bead) as well as an 
outer ring (1 µm to 2 µm from the edge of the bead) was measured using ImageJ 
(NIH). The mean gray level of the inner ring and outer ring around the bead were 
measured as the ER intensity, and the ratio of the inner ring gray level to outer ring 
gray level was calculated, the higher the ratio, the more ER accumulation occurred. 
Cells with the ratio higher than 1 were consider to have ER accumulation. Cells 
showing accumulation were counted versus total observed cell number. ER 
accumulation intensity increased with the increase of coating density of fibronectin. 
Error bars represent mean ± s.e.m. n=30 cells from three independent experiments, 
p<0.05. 
 
 Transmission Electron Microscopy (TEM) was also used to examine the 
position of ER structure upon cell-bead interaction. HeLa cells were used to interact 
with fibronectin coated beads for 20 min followed by the fixation of cells with beads. 
The cell-bead pellet was collect by centrifugation of cell-bead suspension; and the 
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pellet was then embedded in resin which was cut into ultra-sections (80nm in 
thickness) for TEM examination. In Fig. 18, the ER structure (indicated by red arrows) 
was observed near cell-bead interface. Particularly, in Fig. 18B and 18D, the ER 
tubules pointed by the red arrows were observed towards the cell-bead interface, 
indicating a possible dynamics of ER tubules towards cell-bead interface. 
Interestingly, in Fig. 18C and 18D, mitochondria (pointed by green arrows) were also 
identified near cell-bead interaction. It would be interesting to study the transport and 
distribution of mitochindia in cell adhesion in future reseach. 
 
Figure 18. Transmission electron microscopy (TEM) image of ER near cell-bead 
interface. HeLa cells were used to interact with fibronectin coated beads for 20 min 
followed by the fixation of cells with beads. The cell-bead pellet was collect by 
centrifugation of cell-bead suspension; and the pellet was then embedded in resin 
which was cut into ultra-sections (80nm in thickness) for TEM examination. Red 
arrows in (A) and (C) indicate the ER tubules near cell-bead interface; and red arrows 
in (B) and (D) indicate the ER tubules towards cell-bead interface; whereas green 
arrows in (C) and (D) indicate the mitochondria structures. Scale bar, 0.5 µm. 
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The observed accumulation of ER in fixed cells represented the presence of 
ER structure near cell-bead interface, which could be due to the dynamics of ER 
tubules towards the cell edge (Fig. 18) in response to cell membrane adhesion. To test 
this, confocal live images were taken every 2 min to capture the process of ER tubule 
dynamics at the cell-bead adhesive interface (Fig. 19). DsRed2-ER HeLa cells were 
used to interact with fibronectin coated beads. Upon the adhering of cell membrane on 
the bead’s surface, ER tubules (Fig. 19, pointed by arrows starting from 0 min) was 
observed moving along the bead’s surface. In about 20 min time, more ER membrane 
was observed around the bead and finally the bead was wrapped by the ER structure. 
The cell-bead interface is rich of actin filaments and focal complexes (Bretscher, 
2008b). The exact distribution, dynamics and function of ER at this region remain 
unclear. It would be interesting to study ER dynamics and functions at cell-substrate 
surface interface upon cell membrane adhesion. Since cell membrane adhesion and 
spreading on flat surface have been well studied (DeMali and Burridge, 2003; Faix 
and Rottner, 2006; Le Clainche and Carlier, 2008; Mogilner, 2006; Small and Resch, 
2005), meanwhile the formation of lamella upon cell membrane adhesion and 
spreading have been well defined (Small and Resch, 2005; Small et al., 2002b), I 
therefore studied the detailed ER tubule dynamics and potential functions in the 







Figure 19. Time lapse images of ER tubule dynamics on the coated bead’s surface. 
DsRed2-HeLa cell interacted with fibronectin coated bead, and upon the interaction of 
the bead with cell membrane, ER tubules (pointed by the arrows) were observed 
moving along the fibronectin coated bead’s surface; as the cell-bead interaction area 
increased more ER structures were observed around the bead in about 20 min upon 
cell-bead interaction. Images were taken every 2 min. Arrows indicate ER tubules on 
the bead’s surface. Scale bar, 5 µm. 
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16 min 18 min 20 min 22 min 
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4.2.6 ER dynamics towards cell periphery upon cell membrane adhesion and 
spreading 
In the process of cell spreading, a flat and thin cellular lamella region will be 
formed via the formation of small contacts between cell membrane and ECM. 
(Chhabra and Higgs, 2007). The DsRed2-ER HeLa cells were seeded onto a 
fibronectin coated flat surface, and allowed to adhere and spread on the surface for 20 
hr to generate a flat cellular lamella. The dynamics of cell membrane and ER tubules 
was captured by taking confocal images every 15 sec in live DsRed2-ER HeLa cells. 
Fig. 20 shows the overlap of the ER channel with the transmission channel, in which 
the dynamics of ER and cell membrane can be monitored simultaneously. Green 
structure (In order to achive the best contrast when the ER channel was merged with 
transmission channel, the pseudo-color chosen for DsRed2-ER was green) shows the 
ER tubules and ER network. Figure 20A and 20B show the original and final shape of 
the entire cell. Obvious cell membrane extension as well as the clear ER tubule 
dynamics was captured in Fig 20C for 20 min (The region in rectangle box was the 
leading edge of the cell in Fig 20A and 20B). Newly formed ER tubules were 
observed to extend towards the cell edge from the ER network (pointed by the arrows 
in Fig. 20C). The continued cell membrane spreading on the flat surface resulted in a 
continued ER tubule dynamics towards cell edge. This result indicated that the ER 
tubule dynamics towards the cell edge would be a general response upon cell 
membrane adhesion and spreading on both the bead’s surface (Fig. 19) and a flat 
surface (Fig. 20). New ER tubules in cellular lamella would then form a stable ER 
network to occupy the newly adhered or spreaded cell membrane.  
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Figure 20 The dynamics of ER tubules towards cell leading edge. DsRed2-ER HeLa 
cells were seeded on a flat surface and the images of ER channel and transmission 
channel were taken every 15 sec by confocal microscopy. (A) is the original position 
of ER and cell membrane. (B) shows the final position of ER and cell membrane due 
to the dynamics of cell membrane and ER on the substrate surface coated with 
fibronectin. (C) ER tubule dynamics towards the cell leading edge in 20 min. The thin 
layer of cell membrane at the leading edge (red arrow in the last image---22 m 8 s) 
was the lamellipodia just in the front of lamella with ER tubules. White arrows 
indicate the dynamics of ER tubules towards the cell leading edge. Numbers at the top 
right corners indicate the time points for taking the images. Scale bar, 10 µm. 
A B
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 A set of zoomed in (x4) images of ER tubules in lamella was shown in Fig. 21. 
DsRed2-ER HeLa cells were seeded onto a flat surface and live confocal images of 
both ER channel and transmission channel were taken every 20 sec. Fig. 21 shows the 
overlapped images of the ER channel with the transmission channel, in which the 
dynamics of ER and cell membrane can be monitored simultaneously Green color (In 
order to achieve the best contrast when the ER channel was merged with the 
transmission channel, the pseudo-color choosen for DsRed2-ER was green) indicates 
the ER tubules. New ER tubules (pointed by the white arrows) were observed to 
extend towards the cell edge followed by the formation of the new ER network. The 
extension of ER tubules is defined as the elongation of new ER tubule from out of the 
ER network towards the cell edge (Waterman-Storer and Salmon, 2003). The 
dynamics of the newly formed ER tubules was towards the cell edge when the cell 
membrane continued to adhere and to spread on the substrate surface. 
 
Figure 21. The zoomed in image (x4) of the dynamics of ER tubules towards the cell 
edge. DsRed2-ER HeLa cells were seeded on a flat surface; and the images of ER 
channel and transmission channel were taken every 20 sec by confocal microscopy. 
White arrows indicate the dynamics of ER tubules in lamella. Numbers at the top 
right corners indicate the time points for taking the images. Scale bar, 2.5 µm. 
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4.2.6 ER dynamics and distribution and focal complexes in lamella 
Previous data reported the ER dynamics and distribution in lamella in the 
process of cell membrane adhesion and spreading. In this section, detailed delineation 
of ER dynamics and distribution will be discussed. Since ER resident proteins have 
been found in integrin clustering induced focal complexes (Tran et al 2002, Wang et 
al 2006), the ER structure may be related to focal complexes in lamella. To verify this 
statement, vinculin, paxillin or integrin β3 were immumo-stained by anti-vinculin, 
anti-paxillin or anti-integrin β3 antibodies as focal complex makers in DsRed2-ER 
HeLa cells which were seeded on a flat surface. Confocal images were taken in the 
same single focal plane in which both focal complex makers (green) and ER tubules 
(red) were focused, indicating their physical contact. Vinculin (Fig. 22A, green 
plaques), paxillin (Fig. 22B, green plaques) as well as integrin β3 (Fig. 22C to 22G, 
green plaques) were observed to interact (pointed by the white arrows) with ER 
tubules. The zoomed in images (rectangle boxes in Fig. 22A and 22B; Fig. 22E to 
22G) also showed the interaction of focal complexes and ER tubules as pointed by the 
white arrows. The results supported the previous finding that ER resident proteins 
could be found at focal complexes (Tran et al 2002, Wang et al 2006), as a result of 
the presence of ER tubules at focal complexes. Hence, the dynamics of ER tubules in 
cellular lamella may not be random; instead, the ER tubules may interact with focal 





Figure 22. Interaction of ER tubules with focal complexes. Vinculin (A), paxillin (B) 
and integrin β3 (C) to (G) were immunostained as as focal complex markers in 
DsRed2-ER Hela cells seeded on a flat surface. Red color indicates the ER structures 
and tubules; and green color indicates the focal complexes. The immunostained 
vinculin (A), paxillin (B) and integrinβ3 (C) to (G) were focused with ER tubules (red) 
in the same single focal plane by confocal microscopy, indicating their physical 
interactions. Arrows point to the interactions of focal complexes with ER. Images in 
the rectangle boxes and image (E) to (G) are the zoomed in regions with focal 
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To further confirm the spatial interaction of ER tubules with focal complexes, 
I studied ER tubule dynamics towards the GFP fluorescence protein tagged integrin 
β3 plaques in live DsRed2-ER HeLa cells by confocal microscopy. The pGFP-
integrin β3 construct was transfected and expressed in DsRed2-ER HeLa cells. Live 
images were taken every 2 min by confocal microscopy in the same single focal plane 
with the focused ER structure (red) and integrin β3 plaques (green) (Fig. 23). Fig. 
23A shows the ER tubule dynamics as indicated by the white arrows; and Fig. 23B 
shows the integrin β3 plaques and the formation of a new focal complex (pointed by 
yellow arrows) in the same focal plane of the ER structure in Fig 23A. The overlap 
image (Fig. 23C) of Fig. 23A with 23B shows that the dynamics of ER tubule was 
towards the newly formed focal complex and finally interacted with it as indicated by 
the relative positions of the yellow arrows (new focal complex) and white arrows (the 
ER tubule). This result supported that the ER tubule in the lamella could interact with 
focal complexes, and hence may imply their functional co-relation. However, the 
mechanism of this interaction was not studied in this thesis. Possible mechanisms and 




Figure 23. ER tubule dynamics towards focal complexes. pGFP-integrin β3 construct 
was transfected and expressed in DsRed2-ER HeLa cells. Red color indicates the ER 
structure and green color indicates the focal complexes. Images are taken every 2 min 
by confocal microscopy at the same focal plane. (A) to (A4) ER tubule dynamics is 
indicated by white arrows; (B) to (B4) the formamtion of new focal complex is 
indicated by yellow arrows; panel (C), the overlap image of panel (A) and panel (B) 
indicates the interaction of ER tubule (white arrows) with the new focal complex 
(yellow arrows) in the same focal plane. Scale bar, 5 µm. 
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CHAPTER V KINECTIN MEDIATED ER TUBULE DYNAMICS IN 
CELLULAR LAMELLA 
 
5.1  Abstract 
The previous chapter reported the ER tubule dynamics and distribution in 
lamella in the process of cell membrane adhesion and spreading. In this chapter, the 
kinectin and microtubule mediated ER tubules dynamics upon cell adhesion and 
membrane spreading will be discussed. I firstly examined the distribution of ER 
tubules with microtubules and kinectin around the coated beads as well as on flat 
surface upon cell membrane adhesion. ER tubules were observed to be co-localized 
with kinectin around the coated bead as well as on flat surface at the cell edge. The 
over-expression of kinectin-kinesin interaction domain (vd4) on kinectin inhibited the 
ER tubule dynamics in both fixed cells and live cells, whereas the microtubule 
structure remained intact. The observation of inhibited ER tubule dynamics is due to 
the disassociation of ER tubules with microtubules via disrupting kinectin-kinesin 
interaction (Ong et al 2000), indicating that the ER tubule dynamics towards the cell 
periphery in cell adhesion reported in the previous chapter was kinectin mediated.  
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5.2 Results  
5.2.1 The distribution of ER tubules and microtubules 
Microtubule is identified as the major cytoskeleton which is responsible for 
ER tubule dynamics and ER network maintainance (Waterman-Storer and Salmon 
1998). To investigate whether the observed ER tubule dynamics towards the cell 
periphery in the process of cell adhesion is microtubule related, I firstly studied the 
distribution of ER structure with microtubules at the cell periphery in DsRed2-ER 
HeLa cells. The microtubule structure was immuno-stained by anti-β-tubulin antibody 
in DsRed2-ER HeLa cells seeded on a fibronectin coated flat surface. Figure 24A 
shows a clear ER network and tubules (yellow) as well as new ER tubules generated 
from the ER network (indicated by white arrows). Microtubule structure (green) was 
captured in Figure 24B at the same focal plane with ER network by confocal 
microscopy. The overlap of the ER channel with the microtubule channel (Fig. 24C) 
shows the co-localization of ER tubules with microtubules (indicated by white 
arrows). The newly generated ER tubules from the ER network were co-localized 
with microtubules (Fig. 24A, 24B and 24C, indicated by the white arrows).  
 
Figure 24. The distribution of ER tubules and microtubules. The microtubule structure 
was immuno-stained by anti-β-tubulin antibody in DsRed2-ER HeLa cells. (A) Clear 
ER tubules (yellow) were taken at the same focal plane as the microtubule structure 
(B). (C) The overlap of the ER channel with the microtubule channel shows the co-
A B C 
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localization of ER tubules with microtubules, indicated by the white arrows. Scale bar, 
5 µm 
 
However, some ER tubules did not co-localize with microtubules as shown in 
Fig. 25, in which the zoomed in images reported examples of non-colocalized ER 
tubules and microtubules at cell periphery. Microtubules were immuno-stained by 
anti-β-tubulin antibody in DsRed2-ER HeLa cells. The ER structure (red) and 
microtubules (green) were captured by confocal microscopy at the same focal plane. 
White arrows in Fig. 25(A) to 25(E) point to the ER tubules which were co-localized 
with microtubules (pointed by white arrows) in Fig. 25(A1) to 25(E1). Fig. 25(A2) to 
25(E2) are the overlap images of ER tubules with microtubules. However, the yellow 
arrows, in Fig. 25(A) to 25(E) and Fig. 25(A2) to 25(E2), point to the ER tubules 
which were not co-localized with microtubules. This phenomenon imply that there 
may be other structures that ER membrane can dock to or interact with to maintain the 
intact and stable ER network at cell periphery besides microtubules. For example, ER 
membrane protein STIM1 can form clusters to interact with and activate plasma 
membrane channels that mediate store-operated Ca2+ entry (SOCE) (Pani et al 2008). 
Moreover, ER bound protein tyrosine phosphatase PTP1B has been observed to 
directly interact with its targets on plasma membrane, and hence the constant contact 
between dynamic ER membrane network and plasma membrane has been 
demonstrated (Anderie et al 2006). The local attachment of the two membrane 
systems enables a direct communication of ER – and plasma membrane-anchored 
proteins (Anderie et al 2006). In addition, the data of previous chapter showed the 
possibility that ER tubules may interact with focal complexes in cellular lamella. 
Whether the focal complexes may also help the structure maintainance of ER 
membrane network could be studied in future research.  
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Figure 25 The zoomed in images of the distribution of ER tubules and microtubules. 
The microtubule structure was immuno-stained by anti-β-tubulin antibody in DsRed2-
ER HeLa cells. (A) to (E) show the ER structures (red) in HeLa cells. (A1) to (E1) 
show the immuno-stained microtubules (green). (A2) to (E2) are the overlap of the 
ER channel with the microtubule channel. Yellow arrows in (A) to (E) and (A2) to 
(E2) point to the ER structures which were not co-localized with microtubules. White 
arrows in (A) to (E), (A1) to (E1) as well as (A2) to (E2) point to the ER structures 
which were co-localized with microtubule. Scale bar, 2 µm 
 
The dynamics of ER tubules and microtubules in cellular lamella is further 
studied in live DsRed2-ER HeLa cells. Microtubule plus end binding protein EB1 is 
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one of the components in microtubule plus end complexes (Akhmanova and 
Hoogenraad, 2005; Akhmanova and Steinmetz, 2008; Wittmann, 2008; Wu et al., 
2006). It is demonstrated to co-localize with the distal tips of cytoplasmic 
polymerizing microtubules (Hayashi and Ikura, 2004; Schuyler and Pellman, 2001; 
Shaw et al., 2007; Tirnauer et al., 2002; Vitre et al., 2008). By tracking the moving of 
EB1 proteins, the polymerization of microtubules can be observed (Bieling et al., 
2008; Gardner et al., 2008; Slep and Vale, 2007). The pGFP-eb1 construct was 
transfected and expressed in DsRed2-ER HeLa cells; and live images were taken 
every 3 sec at the same focal plane by confocal microscopy to examine the 
polymerization of microtubule and the ER tubule dynamics simultaneously. The green 
spots in Figure 26A and 26B represent the GFP tagged EB1 proteins and the red 
structure is ER. The moving of EB1 (Fig. 26, white arrows) was captured in the time 
scale of seconds. The ER tubule (Fig. 26, yellow arrows) moved along the track of 
EB1 (Fig. 26 white arrows) which indicated the direction of microtubule 
polymerization. This result demonstrated that the dynamics of ER tubule was along 
the direction of microtubule polymerization. In addition, based on the data in Figure 
26, the moving of EB1 proteins (microtubule polymerization) was much faster than 
ER tubule extension along microtubule, indicating that the microtubule was more 
dynamic than ER structure. EB1 protein (white arrows) appeared, moved and 
disappeared in the time scale of seconds, whereas the ER tubules (yellow arrows) 
were less dynamic and was relatively stable. This is consistent with the previous 
finding that ER resident proteins rather than microtubules are found to accumulate at 
focal complexes induced by cell-bead interaction (Tran et al. 2002).  
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Figure 26. Dynamics of ER tubules along the direction of microtubule polymerization. 
EB1 as the microtubule distal tip binding protein was used to track the microtubule 
polymerization. pGFP-eb1 construct was transfected and expressed in DsRed2-ER 
HeLa cells. Both example 1 (A) and example 2 (B) showed the polymerizing of 
microtubule indicated by the moving of GFP-tagged EB1 (green spots) and the 
followed ER tubule extension (red) along the track of microtubule polymerization. 
White arrows indicated the moving EB1 spots and yellow arrows indicate the 
extending ER tubules following the moving EB1. Images were taken every 3 sec. 
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5.2.2 ER and kinectin co-localization  
The microtubule dependant ER dynamics and structure maintanence is via 
different adaptor proteins that can link ER membrane to microtubules. For example, 
microtubule motor protein kinesin interacts with its receptor kinectin on ER 
membrane to regulate the ER dynamics on microtubule (Ong et al., 2000; Santama et 
al., 2004); integral membrane protein CLIMP-63 anchors ER to microtubule to 
maintain the stable ER network (Nikonov et al., 2007; Schweizer et al., 1993; 
Vedrenne et al., 2005); microtubule associated protein huntingtin links ER to 
microtubule to maintain the stable ER network (Huang et al., 2004; Kegel et al., 2005; 
Singaraja et al., 2002; Tang et al., 2003); microtubule associated calcium-binding 
protein p22 can link ER to microtubule upon a calcium-induced conformational 
change and promote ER reticulation (Andrade et al., 2004a; Andrade et al., 2004b; 
Barroso et al., 1996; Timm et al., 1999); ER membrane protein VAP-B can bind to 
proteins bearing a FFAT domain (diphenylalanine in an acidic tract, the targeting 
signal for cytosolic proteins to the surface of ER) that modulates ER shape (Amarilio 
et al., 2005; Kaiser et al., 2005; Soussan et al., 1999). 
 
Among these adaptor proteins, kinectin-kinesin interaction is known to be the 
one that facilitates the dynamics of ER along microtubules (Vedrenne and Hauri 
2006). In this chapter, the kinectin-mediated ER dynamics upon cell membrane 
adhesion and spreading in cellular lamella was demonstrated. In this section, the 
distribution of kinectin and ER was firsly discussed. The cellular kinectin was 
immuno-stained in DsRed2-ER HeLa cells (Fig. 27) by anti-kinectin antibody. The 
immuno-stained cellular kinectin (Fig. 27B, green) localized with ER (Fig. 27A, 
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yellow) at cell periphery indicated by the white arrows (Fig. 27A and 27B). 
Quantification data of Fig. 27 shows that 89.3% of kinectin stained cells showed the 
co-localization of ER with kinectin at cell periphery.  
 
Figure 27. Co-localization of ER with immuno-stained cellular kinectin in DsRed2-
ER HeLa cells at cell periphery. The cellular kinectin was immuno-stained by anti-
kinectin antibody. (A) The ER structure (indicated by white arrows) in a DsRed2-ER 
HeLa cell co-localized with (B) immunostained kinectin (indicated by white arrows) 
at cell periphery. Number indicates the percentage of cells showing the co-localization 
of ER with kinectin. Scale bar, 5 µm 
 
 The distribution of kinectin and ER was further studied when DsRed2-ER 
HeLa cells interacted with the coated bead. The cDNA of full-length kinectin was 
cloned into pEGFP vector; and the construct was transfected and expressed in 
DsRed2-ER HeLa cells. The HeLa cells were then allowed to interact with the coated 
bead for 20 min before the examination of kinectin and ER distribution around the 
bead by confocal microscopy. Fig. 28A shows that the ER structure accumulated 
around the bead that is represented by the symbol *. Fig. 28B shows the GFP tagged 
kinectin at the same focal plane as ER structure. The overlap (Fig. 28C) of ER 
structure (Fig. 28A) and kinectin (Fig. 28B) shows the clear co-localization of ER 




(Tran et al. 2002) has demonstrated the presence of kinectin around fibronectin coated 
beads, which is consistent with the data observed in Fig. 28. 
 
Figure 28. Co-localization of ER and kinectin around the coated bead. The cDNA of 
full length kinectin was cloned into pEGFP vector and the construct was transfected 
into DsRed2-ER HeLa cells. (A) shows the ER structure (red) in DsRed2-ER HeLa 
cells around the bead; * symbol represents the position of fibronectin coated bead. 
White arrows point to the ER accumulation around bead; (B) shows the GFP tagged 
full length human kinectin distribution around the bead (*); white arrows point to the 
kinectin accumulation around the bead; and (C) shows the co-localization (white 
arrows) of ER structure and kinectin around bead (*). Scale bar, 5 µm. 
 
Kinectin was knocked down by permanent transfection of kinectin silencer 
RNA which is cloned in pSilencer vector into HeLa cells; and the pSilencer empty 
vector was transfected into HeLa cells as transfection control (Santama et al., 2004). 
The successful knockdown of kinectin was verified by western blot analysis of the 
kinectin expression level in knockdown HeLa cells versus control cells (Santama et 
al., 2004). In Fig. 29, ER structure in wild type HeLa cells, vector control HeLa cells 
and kinectin knockdown HeLa cells was stained by ER tracker. The BSA coated 
control bead (upper panel) and the fibronectin coated bead (lower panel) were allowed 
to interact with cells for 20 min prior to the examination of ER accumulation by 
confocal microscopy. When HeLa cells interacted with fibronectin coated beads 
(lower panel), both wild type cells (Fig. 29A’) and vector control cells (Fig. 29B’) 
A B C 
* * * 
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showed accumulation of ER around the bead. However, in kinectin knockdown cells 
(Fig. 29C’), the ER accumulation was inhibited. Fig. 29D is the quantification result 
of ER accumulation around the coated bead; the ER accumulation around the 
fibronectin coated bead was significantly inhibited in kinectin knockdown cells.  
 
Figure 29. ER accumulation around fibronectin coated beads. Wild type HeLa cells 
(A) and (A’), empty pSilencer vector transfected HeLa cells (B) and (B’) as well as 























































test the effect of knocking down kinectin on ER accumulation around beads. BSA 
control beads (A) to (C) and fibronectin coated beads (A’) to (C’) were used in this 
assay. White arrows point to the positions of beads. ER tracker was used to stain the 
ER structure in the above three types of HeLa cells. Comparing with control bead (A) 
to (C), cell-fibronectin coated bead interaction induced apparent ER accumulation 
around beads in wild type control cells (A’) and empty pSilencer vector transfected 
control cells (B’); whereas cells with kinectin RNAi (C’) showed no apparent ER 
accumulation. The quantification result (D) reported that the percentage of cells 
showing ER accumulation was significantly reduced by knocking down kinectin in 
HeLa cells. Error bars represent mean ± s.e.m. n=3 independent experiments. 100 
cells of each cell type from three independent assays were quantified. *p<0.05. Scale 
bar, 5 µm 
 
 Similar as the study of ER accumulation around the bead in the above figure, 
the accumulation of kinectin was investigated using wild type HeLa cells, vector 
control HeLa cells and kinectin knockdown HeLa cells. Cellular kinectin was 
immuno-stained by anti-kinectin antibody in all three types of HeLa cells which 
interacted with the BSA coated control bead (Fig. 30 upper channel) or the fibronectin 
coated bead (Fig. 30 lower channel). The BSA coated control bead failed to induce 
kinectin accumulation around the bead (Fig. 30A to 30C). When HeLa cells interacted 
with the fibronectin coated bead, both wild type (Fig. 30A’) and vector control cells 
(Fig. 30B’) showed kinectin accumulation around the bead, whereas the kinectin 
accumulation was inhibited in kinectin knockdown cells (Fig. 30C’). The 
quantification result showed a significant reduction in kinectin accumulation around 





Figure 30. Kinectin accumulation around fibronectin coated beads. Wild type HeLa 
cells (A) and (A’), empty pSilencer vector transfected HeLa cells (B) and (B’) as well 
as pSilencer-kinectin RNAi construct transfected HeLa cells (C) and (C’) were used 
to test the effect of knocking down kinectin to kinectin accumulation around beads. 
BSA control beads (A) to (C) and fibronectin coated beads (A’) to (C’) were used to 
interact with these three types of HeLa cells. White arrows point to the positions of 
beads. Kinectin was immuno-stained by anti-kinectin antibody in all three types of 
HeLa cells. BSA control beads failed to induce kinectin accumulation in all three 
types of cells (A) to (C). Comparing with control bead (A) to (C), the interaction of 
cells with fibronectin coated beads induced kinectin accumulation around beads in 
wild type control cells (A’) and empty pSilencer vector transfected control cells (B’). 
However, cells with kinectin RNAi (C’) showed no apparent kinectin accumulation. 

























































accumulation was significantly reduced when kinectin was knocked down. Error bars 
represent mean ± s.e.m. n=3 independent experiments. 100 cells of each cell type 
from three independent experiments were quantified. *p<0.05. Scale bar, 5 µm 
 
Since kinectin is responsible for ER dynamic and and knockdown of kinectin 
directly affect ER distribution (Ong et al 2000), the observed ER accumulation 
reduction in Fig. 29 may be due to the inhibited ER dynamics upon cell-bead 
interaction. The vd4 domain in kinectin interacts with kinesin on microtubule and 
hence mediates the ER dynamics (Ong et al. 2000). Therefore, in the following assays, 
vd4 domain of kinectin was over-expressed in HeLa cells to disrupt the kinectin-
kinesin interaction and the resulted ER tubule distribution and dynamics upon cell 
membrane adhesion and spreading was studied. 
 
5.2.3 Inhibition of ER tubule dynamics by disrupting kinectin-kinesin interaction 
The cDNA of kinectin vd4 domain was cloned into pEGFP-C1 vector; and the 
construct was transfected and over-expressed in DsRed2-ER HeLa cells seeded on a 
fibronectin coated flat surface. The empty pEGFP-C1 vector was transfected and 
over-expressed in DsRed2-ER HeLa cells as transfection control. In cells with over-
expressed vd4 domain (Fig 31B), ER (yellow) was absent from the cell periphery (as 
indicated by the white arrows in Fig. 31B) whereas the control cell showed the 
presence of ER (Fig. 31A). The quantification data (Fig. 31C) showed that there were 
only 21.1% of vd4 over-expressed cells showing the presence of ER structure at cell 
periphery (Fig. 31B), in contrast, 73.1% of control cells over-expressed with control 
vector had the ER structure at cell periphery (Fig. 31A).  
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Figure 31. The inhibition of ER extension into the cell edge with the over-expression 
of vd4 domain versus control vector. The cDNA of kinectin vd4 domain was cloned 
into pEGFP-C1 vector; and the construct was transfected and over-expressed in 
DsRed2-ER HeLa cells. The empty pEGFP-C1 vector was transfected and over-
expressed in DsRed2-ER HeLa cells as transfection control. (A) The cell with the 
over-expressed control vector showed the presence of ER in cell periphery indicated 
by the white arrow. (B) The cell with the over-expressed vd4 domain showed an 
absence of ER in cell periphery as indicated by the white arrow. Insets are green 
channels showing the successful over-expression of GFP-tagged vd4 or control vector. 
(C) The quantification result indicated that percentage of cells with ER presence was 
significantly reduced due to the over-expression of vd4 domain. Error bars represent 
mean ± s.e.m. n=3 independent experiments. 90 cells of each cell type from three 


















































 When DsRed2-ER HeLa cells were treated with 1µM of nocodazole, which 
can interfere with the polymerization of microtubule (Beswick et al. 2006), for 30 min, 
the ER structure retracted from the cell periphery towards the cell center due to the 
disruption of microtubule network. The disruption of microtubule network and ER 
structure recovery can complete in most cells upon the removal of nocodazole for 20 
min (Terasaki et al 1986). By monitoring the recovery of ER after nocodazole 
treatment in both vd4 over-expressed DsRed2-ER HeLa cells and control DsRed2-ER 
HeLa cells, the effect of vd4 over-expression to ER dynamics toward the cell 
periphery can be investigated. In Fig. 32, DsRed2-ER HeLa cells with over-expressed 
vd4 or empty vector as well as wild type DsRed2-ER HeLa cells were used to 
perform the nocodazole induced ER recovery assay. As shown in Fig. 32A, after 20 
min of removal of nocodazole, the ER (yellow) recovery in DsRed2-ER HeLa cells 
with over-expressed vd4 was inhibited comparing with DsRed2-ER HeLa cells with 
over-expressed empty vector (Fig. 32B) and wild type cells (Fig. 32C). The 
quantification data in Fig. 32D shows a significant inhibition of ER recovery when 
vd4 domain is over-expressed. The observed inhibition of ER recovery at cell 
periphery was due to the disruption of kinectin-kinesin interaction which is important 
for ER dynamics on microtubule.  
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Figure 32. Over-expression of kinectin vd4 domain inhibited the ER recovery after 
nocodazole treatment. DsRed2-ER stable HeLa cells were incubated with 1µM 
nocodazole for 30 min, followed by the removal of nocodazole. The recovery of ER 
structure was observed after 20 min by confocal microscopy. vd4 domain over-
expressed DsRed2-ER HeLa cell (A), pEGFP-C1 empty vector over-expressed 
control DsRed2-ER HeLa cells (B) as well as wild type DsRed2-ER HeLa cells were 
used to evaluate the effect of vd4 over-expression to ER recovery. Insets at right top 
corners indicate the succeful over-expression of pEGFP-vd4 and pEGFP-C1 
constructs in the selected cells. White boundary shows the cell boundary according to 
the transmission channel. (A) shows the inhibition of ER recovery in cells with over-
expressed vd4 domain; whereas the ER structure had recoverd in both the vector 
control cell (B) and the wild type control cell (C). The quantification data (D) shows 
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represent mean ± s.e.m. n=3 independent experiments. 90 cells of each cell type from 
three independent assays were quantified. *p<0.05 Scale bar, 5 µm 
 
The inhibition of ER dynamics by the over-expression of kinectin vd4 domain 
was also observed in live cells (Fig. 33 to Fig. 35) by confocal microscopy. In Fig. 33, 
DsRed2-ER HeLa cells were over-expressed with vd4 domain or empty vector. 
Together with wild type DsRed2-ER HeLa cells, the ER dynamics (yellow) towards 
the cell leading edge (the region in the rectangle box in Fig. 33A) in DsRed2-ER 
HeLa cells with over-expressed vd4 domain or empty vector was monitored by 
confocal microscopy. Live images of the cells were taken every two minutes with a 
fixed X-Y position in the same focal plane by the confocal microscopy. Fig. 33A to 
33D illustrate the method for measuring ER membrane speed towards cell leading 
edge using a wild type DsRed2-ER HeLa cell as the example. In Fig 33B to 33D, the 
distance from the ER network front edge (double head arrows in Fig. 33B to 33D) to 
the fixed position in the image (The most left edge of the image is fixed by the 
confocal microscopy through the entire experiment) was measured. The shortening of 
the distance indicated the movement of ER towards cell leading edge. The speed of 
ER movement (µm /min) was calculated by dividing the measured distance (µm) by 
the time (min). The quantification data in Fig. 33D shows the retarded ER membrane 
movement toward cell leading edge when vd4 domain is over-expressed, indicating 
the inhibition of ER dynamics due to the distruption of kinectin-kinesin interaction. 
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Figure 33. Over-expression of kinectin vd4 domain affected the ER dynamics in cell 
leading edge. vd4 domain over-expressed DsRed2-ER HeLa cell, pEGFP-C1 empty 
vector over-expressed control DsRed2-ER HeLa cells as well as wild type DsRed2-
ER HeLa cells were used to test the effect of vd4 over-expression on ER dynamics. 
(A) to (D) illustrate the method for measuring ER membrane movement towards cell 
leading edge. (B) to (D) are the cropped cell leading edge in which the length of the 
double head arrows indicate the distance of the ER network front edge to the fixed 
position (the most left edge of the image). The shortening of the distance indicated the 
movement of ER towards cell leading edge. The speed of ER movement (µm /min) 
was calculated by dividing the measured distance (µm) by the time (min). The 
calculation of ER speed (E) demonstrated the reduced ER dynamics in vd4 domain 
over-expressed cells comparing with empty vector over-expressed cells and wild type 
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control cells. Error bars represent mean ± s.e.m. n=3 independent experiments. 10 
cells of each cell type from three independent assays were quantified. Scale bar, 5 µm 
 
 Interestingly, using the same experimental set up as described in Fig. 33, the 
movement of cell membrane at cell leading edge was also invesitigated by confocal 
microscopy as illustrated in Fig. 34A to 34D. Live images were taken every 2 min to 
record down the front edge movement of the cell. The distance (double arrows in Fig. 
34B to 34D) was measured relative to a fixed position (the most left edge of the 
image). The shortening of the distance indicated the extension of cell membrane. The 
speed of cell membrane extension (µm /min) was calculated by dividing the measured 
distance (µm) by the time (min). DsRed2-ER HeLa cells which were over-expressed 
with vd4 or empty vector, as well as wild type DsRed2-ER HeLa cells, were used in 
this assay. The quantification data in Fig. 34D shows a retarded cell membrane 
extension when vd4 domain is over-expressed. Therefore, the disruption of kinectin-
kinesin not only affected ER dynamics but also affected the cell membrane extension, 
which is critical in cell spreading and migration (Ridley et al 2003). A detailed study 
of ER dynamics with cell behaviors will be discussed in next chapter. 
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Figure 34. Over-expression of kinectin vd4 domain affected the cell membrane 
extension. vd4 domain over-expressed DsRed2-ER HeLa cell, pEGFP-C1 empty 
vector over-expressed control DsRed2-ER HeLa cells as well as wild type DsRed2-
ER HeLa cells were used to evaluate the effect of vd4 over-expression to cell 
membrane extension. (A) shows an example of selected cells, and the cropped region 
(B) to (D) was observed for 36 min for the measurement of cell membrane extension. 
The length of the double head arrows indicate the distance of the cell front edge to the 
fixed position (the most left edge of the image fixed by the confocal microscopy). The 
shortening of the distance indicated the cell membrane extension. The speed of cell 
membrane extension (µm /min) was calculated by dividing the measured distance (µm) 
by the time (min). The calculation in (E) shows the reduced cell membrane extension 
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when vd4 domain was over-expressed. Error bars represent mean ± s.e.m. n=3 
independent experiments. 10 cells of each cell type from three independent assays 
were quantified. Scale bar, 5 µm 
 
The direct examination of individual ER tubule dynamics in live DsRed2-ER 
HeLa cells with over-expressed vd4 domain or empty vector was also performed 
using confocal microscopy. In addition, in this experiment, the cDNA of vd4 binding 
domain of kinesin was also cloned into pEGFP-C1 vector; and the construct was 
transfected and over-expressed in DsRed2-ER HeLa cells. The ER tubule dynamics in 
DsRed2-ER HeLa cells with over-expressed vd4 domain of kinectin, over-expressed 
vd4 binding domain of kinesin or empty vector was captured by live confocal 
microscopy. In Fig. 35, green structure (In order to achive the best contrast when the 
ER channel was merged with transmission channel, the pseudo-color chosen for 
DsRed2-ER was green) shows the ER tubules and ER network. In cells with over-
expressed vd4 domain (Fig. 35A), there was less ER tubule dynamics towards the cell 
edge was observed over 15 min of cell membrane extension (pointed by the white 
arrows). Moreover, the extension of cell membrane on the surface was also inhibited 
(Fig. 35A transmission channel). Similarly, in cells with over-expressed vd4 binding 
domain of kinesin, the interaction of kinectin and kinesin was also disrupted (Ong et 
al. 2000), resulting in the less ER tubule dynamics during the process of cell 
membrane extension (Fig. 35B). In contrast, in cells with over-expressed control 
vector, clear ER tubule dynamics (pointed by the white arrows) was observed into the 
extended cell membrane (Fig. 35C). At the same time, the cell membrane was 
spreading on substrate surface (Fig. 35C transmission channel).  The result further 
confirmed that cellular kinectin-kinesin interaction can mediate ER tubule dynamics 
towards cell edge during cell membrane adhesion and spreading. The disruption of 
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this interaction successfully inhibited the ER tubule dynamics upon cell membrane 







Figure 35. Time lapse images of ER tubule dynamics during cell membrane extension 
in DsRed2-ER HeLa cells. The DsRed2-ER HeLa cells were over-expressed with 
kinectin vd4 domain of kinectin (A), vd4 binding domain of kinesin (B) or empty 
vector (C). The ER tubule dynamics was examined by confocal microscopy every 15 
sec for about 15 min. Green structure (In order to achive the best contrast when the 
ER channel was merged with transmission channel, the pseudo-color chosen for 
DsRed2-ER was green) shows the ER tubules and ER network. (A) The cell with 
over-expressed vd4 domain showed the inhibited ER tubule dynamics towards cell 
edge (transmission channel) as indicated by the white arrows. (B) The cell with over-
expressed vd4 binding domain in kinesin showed the similar inhibited ER tubule 
dynamics as in (A) as indicated by the white arrows. (C) The cell with over-expressed 
control vector, in contrast, showed the clear ER tubule dynamics (white arrows) into 
the spreaded cell membrane. Numbers at the top left corners of each image indicate 
the time points for taking the images. Scale bar, 5 µm. 
 
Since vd4 domain disrupted the cellular kinectin-kinesin interaction, there 
would be a possibility that microtubule structure was affected by vd4 over-expression; 
and hence the resulted ER retraction would be due to the affected microtubule. To 
rule out this assumption, the microtubule was immuno-stained by anti-β-tubulin 
C 
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antibody in vd4 over-expressed DsRed2-ER HeLa cells versus control vector over-
expressed DsRed2-ER HeLa cells (Fig. 36). The cell with over-expressed vd4 domain 
showed the retraction of ER distribution (Fig. 36A) but an intact microtubule structure 
(Fig. 36A’). The overlap of the ER channel with microtubule channel showed clearly 
the region with microtubules but a retracted ER structure (Fig. 36A”). In cells with 
over-expressed control vector, however, both ER and microtubule structure were 
intact and the ER tubules were parallel with microtubules (Fig. 36B, arrows). The 
microtubule structures in 60 cells for each cell type from three independent assays 
were examined. In vd4 domain over-expressed cells, the microtubule was intact for all 
randomly selected cells. Microtubules function as the transportation system for 
various protein complexes, organelles and vesicles (Yokokawa et al 2006); in addition, 
microtubules have been reported to be important in cell membrane extension, cell 
spreading and migration (Watanabe et al 2005). Hence, the result showing an intact 
microtubule structure demonstrated that the inhibition of ER dynamics and cell 






Figure 36. Intact microtubule network in vd4 over-expressed cells. (A) The cell with 
over-expressed vd4 domain showed the inhibited ER (red) extension to the leading 
lamella whereas the microtubule (green) structure (A’) was not affected. Arrows 
indicate the region with intact microtubules but inhibited ER extension. (B) The cell 
with over-expressed control vector showed both intact ER and microtubule structures 
(B’). Arrows indicate the parallel of ER tubules with microtubules. Scale bar, 5µm. 
 
The distribution of ER tubules and actin filaments was also tested via the 
transfection of pGFP-β-actin in DsRed2-ER HeLa cells seeded on a flat surface. As 
shown in Fig. 37, ER tubules were found at the cell periphery (Fig. 37A arrow), and 
were not associated or parallel with the actin filaments (Fig. 37B and 37C, arrows). 
Actin mainly concentrated in the cell leading edge (pointed by the arrow in Fig. 37B) 
where actin polymerization occurs to promote cell membrane protrusion and 
extension (Ridley et al. 2003). 
 
Figure 37. The distribution of ER tubules and actin filaments at cell periphery. (A) 
The ER tubules were observed at cellular lamella pointed by the white arrow. (B) 
Actin filaments and stress fibers were observed in lamella whereas shorter and thinner 
actin filaments accumulated in the leading edge. (C) The overlap of ER and actin 
channels showed no spatial co-relation of ER tubules with actin filaments. Scale bar, 
5 µm. 
A B C 
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CHAPTER VI  EFFECTS ON CELL BEHAVIORS VIA DISRUPTION 
OF KINECTIN-KINESIN INTERATION AND 
INHIBITION OF ER DYNAMICS 
 
6.1 Abstract 
In chapter V, the over-expression of vd4 domain on kinectin has successfully 
inhibited the ER tubule dynamics in cellular lamella in the process of cell membrane 
adhesion and spreading. The over-expression strategy is also used in this chapter to 
study the relationship of disrupted ER dynamics with cell behaviors. In this chapter, 
the growth (the increase in size) (Riveline et al. 2001) of nascent focal complexes in 
DsRed2-ER HeLa cells was firstly studied. I observed that ER tubules not only 
interacted with focal complexes, but also the interaction with focal complexes was 
required in the process of focal complex growth. In HeLa cells with over-expressed 
vd4 domain, the disrupted ER tubule dynamics prevented the interaction of ER 
tubules with focal complexes and meanwhile the focal complexes growth was 
inhibited. Fluorescence Recovery After photo-bleaching (FRAP) assay was performed 
to monitor the enlargement of focal complexes represented by GFP tagged integrin β3 
after the photobeaching of the original integrin β3 signals. Integrin β3 plaque growth 
only occurred at the sites with the presence of ER tubules, indicating that ER was 
required in the growth of focal complexes. Since focal complex maturation is 
important in many cell behaviors (Wichert et al 2003), wound healing and 
chemotaxis-induced cell migration assay, as well as cell spreading assay was used to 
examine the consequences of ER tubule dynamics inhibition to cellular behaviors. As 
the results of kinectin-kinesin disruption and ER tubule dynamics inhibition, both cell 
migration and cell spreading were retarded. 
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6.2 Results  
6.2.1 Focal complex growth with ER tubule interaction  
The spatial relationship of ER with focal complexes demonstrated in Chatper 
IV may imply the functional co-relation of them. To study this, the kinectin mediated 
ER dynamics was inhibited via the over-expression of kinectin vd4 domain in 
DsRed2-ER HeLa cells. The number of focal complexes in cellular lamella (within 5 
µm from the cell edge) was quantified in both cells with over-expressed vd4 domain 
or empty control vector. Vinculin or paxillin was immuno-stained by anti-vinculin or 
anti-paxillin antibodies relatively in DsRed2-ER HeLa cells with over-expressed vd4 
domain or empty vector. In cells with over-expressed vd4 domain, there were less 
paxillin (Fig. 38A) and vinculin (Fig. 38C) plaques (white plaques) observed in the 
absence of ER (red) (Fig. 38A’ and 38C’) comparing to the number of paxillin or 
vinculin plaques (Fig. 38B and 38D, white plaques) in cells with over-expressed 
control vector in the presence of ER (red) (Fig. 38B’ and 38D’). Fig. 38E and 38F 
show the quantification of the number of vinculin and paxillin plaques within 5 µm 
from the cell edge normalized to the length of the lamella edge. The mean number of 
paxillin and vinculin plaques normalized against the lamella perimeter length in the 
vd4 over-expressed cells was 0.20±0.064 plaques/µm and 0.22±0.073 plaques/µm 
respectively. In contrast, the mean number in the control cells was 0.32±0.078 










Figure 38. The effect of disrupted kinectin-kinesin interaction and inhibited ER 
dynamics to the distribution of focal complexes at cellular lamella. Vinculin or 
paxillin was immuno-stained by anti-vinculin or anti-paxillin antibodies in DsRed2-
ER HeLa cells with the over-expressed vd4 domain or empty vector. In cells with 
over-expressed vd4 domain (A, A’ and C, C’), ER structure (red) was absent in 
cellular lamella (A’ and C’) and the numbers of paxillin (A) and vinculin (C) plaques 
(white plaques) were reduced comparing with the cells with over-expressed control 
vectors (B and D) with the presence of ER (red) at cellular lamella (B’ and D’). Insets 
at the upper right corners are the GFP channels indicating that the selected cells were 
successfully over-expressed. The quantifications of the number of vinculin (E) and 
paxillin (F) plaques within 5 µm of the cell edge normalized to the length of the 
cellular lamella showed the reduced focal complexes when vd4 domain was over-
expressed. n=60 from 3 independent experiments. Scale bar, 5µm. 
 
The co-relation of ER with the focal complex was further studied in live cells. 
DsRed2-ER HeLa cells were firstly transfected with GFP tagged integrin β3 as the 
focal complex marker. 24 hr post-transfection, the cells were over-expressed with vd4 
domain or control vector. Within 48 hr post-transfection of integrin β3, the vd4 
domain or empty vector over-expressed live DsRed2-ER HeLa cells with GFP tagged 
integrin β3 were used for the study of ER tubule dynamics with focal complexes. 
Time lapse images were taken every 2 min for both the ER channel and GFP channel 
in the same focal plane by confocal microscopy. In the cells with over-expressed 
control vector (Fig. 39A), ER tubules were observed to extend towards and finally 
interacted with a focal complex pointed by the white arrow. Meanwhile, the size of 
this focal complex increased from 0.25 µm2 to 0.52 µm2 (Fig. 39A, numbers at top 
right corners) within 10 min, indicating the growth (the increase in size, Riveline et al. 
2001) of this focal complex. In contrast, in the cell with over-expressed vd4 domain 
(Fig. 39B), the ER dynamics towards the focal complexes (in the rectangle box) was 
inhibited and the focal complexes shrinked from an average size of 0.22 µm2 to 0.06 
µm2 (Fig. 39B, numbers at top right corners) within 10 min. However, within the 
same cell, the plaques that were interacted by ER tubules (Fig. 39B white arrow) did 
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not shrink. The interaction of focal complexes by ER in vd4 over-expressed cells may 
be due to the partial inhibitory effect of the over-expression assay in this cell in which 
the remaining binding of cellular kinectin with kinesin still mediated ER dynamics 
partially into the cellular lamella.   
 
Figure 39. ER tubule dynamics and interaction with focal complexes was required in 
the growth of focal complex plaques. DsRed2-ER HeLa cells with over-expressed vd4 
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domain or empty vector were transfected by pGFP-integrin β3. Time lapse images 
were taken for both ER channel (red) and GFP tagged integrin β3 channel (green) 
every 2 min in the same focal plane by confocal microscopy. (A) In the cell with 
over-expressed control vector, the ER tubule (red) extended towards the integrin 
plaque (green) and correlated with the enlargement of the integrin β3 plaque in 10 min. 
The numbers in the upper right corners indicate the size of the integrin plaque. 
Arrows point to the integrin plaque interacted with the ER tubule. (B) In the cell with 
over-expressed vd4 domain, ER (red) dynamics towards the focal complexes was 
inhibited, and the integrin plaques (green, within the rectangle box) that were not 
associated with ER shrinked. The numbers in the upper right corners indicate the 
average size of the integrin plaques within rectangle box. Arrows indicate the plaques 
targeted by partial ER dynamics. Scale bar, 5µm. 
 
The growth of focal complexes was also investigated in a Fluorescence 
Recovery after Photobleaching (FRAP) assay. DsRed2-ER HeLa cells were 
transfected with GFP tagged integrin β3 as focal complex marker. The original 
integrin β3 signals in focal complexes were bleached for 20 sec followed by the 
examination of the recovery of integrin β3 plaques due to newly recruited integrin β3 
to the focal complexes by confocal microscopy. Time lapse images were taken every 
2 min for both ER channel and GFP channel at the same focal plane. Several integrin 
plaques (Fig. 40, pointed by the white arrows in rectangle box) with an average size 
of 0.38 µm2 were selected for bleaching. Interestingly, recruitment of new integrin β3 
only occurred at the places with the presence of ER (Fig. 40, the first and the fourth 
arrows from the top). The recruitment of integrin β3 to the original focal complexes 
resulted in the enlargement of focal complexes from 0.27 µm2 to 0.82 µm2 within 30 
min. In contrast, there was no integrin β3 recruited to the original plaques without the 
contact of ER (Fig. 40, the second and the third arrows from the top). The selective 
recruitment of integrin β3 provided evidence indicating that ER tubule presence at the 
cellular lamella and its interaction with focal complexes may be required in the 




Figure 40. ER was required in focal complex growth (increase in size) in 
Fluorescence Recovery After Photo-bleaching (FRAP) assay. DsRed2-ER HeLa cells 
were transfected with GFP tagged integrin β3 as focal complex marker. The region 
(inside the rectangle box) with several distinct growing focal complexes indicated by 
the arrows was completely photo-bleached for 20 sec by 488nm laser with 100% 
power. Time lapse images for both ER channel (red) and GFP channel (green) were 
taken every 2 min in the same focal plane by confocal microscopy after bleaching to 
examine the recovery of integrin β3 plaques. 12 min after photo-bleaching, the newly 
recruited integrin β3 (green plaques) was observed at the original integrin plaques (the 
first and the fourth arrows from the top) with the presence of ER tubules (red), 
whereas the original integrin plaques (the second and the third arrows from the top) in 
the absence of ER were not observed. The size increase of the plaques with the 
presence of ER indicated the growth of focal complexes by recruiting more integrin 
β3 proteins to the focal complexes. Scale bar, 5µm. 
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6.2.2 The distribution of ER tubules, microtubules with focal complexes at the cell 
leading edge 
Since ER tubules at cellular lamella can be parallel with microtubules 
(Terasaki et al. 1986; Du et al. 2004), there is a question that whether microtubules 
would also interact with focal complexes in the cellular lamella. Studies have shown 
that the functional state of the focal adhesions can be modulated by microtubules 
(Small and Kaverina, 2003). In addition, microtubules targeting to focal adhesions 
seems to promote their disassembly in cell migration (Kaverina et al., 1999). The 
possible mechanism could be that microtubules act as the transportation system for 
the delivery of protein complexes involved in focal adhesion disassembly to focal 
adhesions (Small et al., 2002a). Unlike focal adhesions, focal complexes are nascent 
adhesions that are still recruiting proteins and are relatively unstable (Zaidel-Bar et al 
2003). The interaction of focal complexes by microtubules has not been reported. In 
this thesis, I also tested microtubule polymerization to focal complexes in the 
presence of ER membrane (Fig. 41). Microtubule plus end binding protein EB1 
(Lansbergen and Akhmanova, 2006) was used as the marker for polymerizing 
microtubules. pGFP-eb1 and pCherry-vinculin constructs were co- transfected and 
expressed in HeLa cells with the labeled ER structure by ER tracker. Time lapse 
images were taken for the ER channel (blue), GFP channel (green) as well as the 
Cherry channel (red) at the same focal plane every 3 sec by confocal microscopy. The 
GFP tagged EB1 (Fig. 41A, white spot pointed by the arrow, the pseudo-color used in 
this image in white to achieve a better contrast) moved to the cherry tagged vinculin 
(as focal complex marker) plaque (Fig. 41A’, white plaque pointed by the arrow, the 
pseudo-color used in this image in white to achieve a better contrast) and co-localized 
with it (Fig. 41A”, yellow plaque pointed by the arrow), indicating the interaction of 
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focal complex by the polymerizing microtubule. Meanwhile, ER tubule (Fig. 41B, 
arrow, the pseudo-color used in this image in white to achieve a better contrast) was 
also co-localized with the vinculin plaques (Fig. 41B’ and 41B”, arrows). The 
interaction of the focal complex by the polymerizing microtubule did not cause the 
disassembly of it; in contrast, the vinculin plaque enlarged within 30 min (Fig. 41C, 
the plaque pointed by arrows, the pseudo-color used in this image in white to achieve 
a better contrast). A possible explanation could be that microtubule in this case acted 
as the transportation system for the delivery of ER and other protein complexes to 
focal complexes for focal complex development. Studies have reported that only 
when the force generated by the focal adhesion and its linked cytoskeleton reaches to 
a certain threshold, microtubule targeting to focal adhesions will lead to focal 
adhesion disassembly (Small et al., 2002a). Focal complexes---the nascent adhesions 
(Zaidel-Bar et al. 2003) could not generate enough force and hence the microtubule 
could not delivery protein complexes which are involved in the disassembly of focal 
adhesions to focal complexes. Future studies are required to explain the exact co-








Figure 41. The interaction of focal complexes with polymerizing microtubules and ER. 
pGFP-eb1 and pCherry-vinculin constructs were co-transfected and expressed in 
HeLa cells with the labeled ER structure by ER tracker. Time lapse images were 
taken for the ER channel, GFP channel as well as the Cherry channel at the same 
focal plane every 3 sec by confocal microscopy. GFP-tagged microtubule plus end 
binding protein EB1 pointed by the arrow in (A, the white spot pointed by the arrow, 
the pseudo-color used in this image in white to achieve a better contrast) and cherry-
tagged vinculin pointed by the arrow in (A’, the pseudo-color used in this image in 
white to achieve a better contrast) were co-localized (A”) as indicated by the arrow 
(yellow plaque). The ER tubule pointed by the arrow in (B, the pseudo-color used in 
this image in white to achieve a better contrast) co-localized with the vinculin plaque 
pointed by the arrow in (B’) in the cell leading edge as indicated by the arrow in (B”, 
yellow plaque). The vinculin plaque as indicated by the arrows in (C, the pseudo-
color used in this image in white to achieve a better contrast) interacted with both the 
polymerizing microtubule and the ER tubule was enlarged within 30 min. Scale bar, 5 
µm.  
C 0 min 6 min 12 min






6.2.3 Inhibition of cell migration and cell spreading  
Current understanding of the regulation of cell migration or cell spreading 
mainly focuses on cytoskeleton rearrangement and focal complex/focal adhesion 
dynamics (Mierke et al., 2008). In the case of cell migration, actin filaments use focal 
complexes/focal adhesions as traction sites to generate force, allowing the cell to 
contract and migrate forward (Humphries et al., 2007; Ji et al., 2008). While in cell 
spreading, the polymerization of actin filaments generates new protrusions to adhere 
to the substrate surface and form focal complexes/focal adhesions to stabilize the 
lamella (Johnston et al., 2008). Since ER dynamics at the cell leading edge has been 
demonstrated to be required in focal complex growth which is important in cell 
migration and spreading, the effect of disrupted kinectin-kinesin interaction and 
inhibited ER dynamics to cell migrationa and spreading will be discussed in this 
section.  
 
Cell migration test 
Cell migration was investigated by both wound healing migration assay and 
chemotaxis-induced migration assay. In wound healing assay, DsRed2-ER HeLa cells 
with the over-expressed vd4 domain or empty vector were seeded onto 20 mm glass 
bottom dish to form a confluent cell monolayer; a 0.5 mm gap in the confluent cell 
monolayer was created and the closure of the gap due to the migration of cells 
towards the center of the gap was monitored using light microscopy (Fig. 42A and 
42B). The faster cell migration rate will lead to more closure of the gap in a fixed time 
range (e.g. 24 hr). Cells with over-expressed vd4 domain (Fig. 42A) migrated more 
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slowly than cells with control vector (Fig. 42B) after 24 hr of migration towards the 
gap center.  
 
In chemotaxis-induced migration assay, DsRed2-ER HeLa cells with the over-
expressed vd4 domain or empty vector were seeded onto 10 mm porous membrane 
insert with the pore size of 8 µm to separate the migrated and non-migrated cells (Fig. 
42C). Cell migration was induced by the serum gradient cross the membrane and the 
number of migrated cells was counted. More migrated cells (Fig. 42C, black plaques 
pointed by the white arrows) in a fixed time range (e.g. 3 hr) will represent a faster 
migration rate. Similar as the wound healing assay, less vd4 over-expressed cells (Fig. 
42C, left panel) migrated through the pores (Fig. 42C, small pores pointed by the red 
arrows) to the other side of the membrane comparing to cells with control vector (Fig. 
42C, right panel). In addition, cell proliferation rates of both vd4 or control vector 
over-expressed cells have been measured to be the same, indicating that the difference 





Figure 42. Wound healing cell migration assay and chemotaxis-induced cell migration 
assay using DsRed2-ER HeLa cells with over-expressed vd4 domain or control vector. 
In wound healing assay (A) and (B), a 0.5 mm gap was created in a confluent HeLa 
cell monolayer with the over-expression of vd4 (A, left panel) or control vector (B left 
panel) at 0 hr, and the closure of the gap at 24 hr due to cell migration was measured. 
Double head arrows indicate the closure of the gap. The closure of the gap which 
represent the cell migration speed was inhibited for cells with over-expressed vd4 
domain (A right panel) comparing with cells with over-expressed control vector (B 
right panel). (C) In chemotaxis-induced cell migration assay, a porous membrane with 
the pore size of 8 µm (indicated by the red arrows) separated migrated cells (black 
plaques indicated by the white arrows) and non-migrated cells. More migrated cells 
(black plaques pointed by the white arrows) were observed for cells with over-
expressed control vector (right panel) comparing to cells with over-expressed vd4 
domain (left panel). Scale bar, 60µm. 
A 






vd4 control vector 
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 Since only the cells which were successfully transfected and with the 
expression of kinectin vd4 domain would show the effect of kinectin-kinesin 
disruption and ER dynamics inhibition whereas the non-transfected cells would 
behave normal, the transfection efficiency of pEGFP empty vector or pEGFP-vd4 
construct in DsRed2-ER HeLa cells was required to normalize the quantification data 
of cell migration and cell spreading. As shown in Fig. 43(A) and (D), all cells of 
DsRed2-ER HeLa stable cell line were in red due to the expression of DsRed2-ER 
fluorescence protein. The pEGFP (Fig. 43B) and pEGFP-vd4 (Fig. 43E) transfected 
cells were in green due to the expression of EGFP fluorescence protein. 90 images of 
each cell type were taken randomly from three independent assays for the calculation 
of transfection efficiency. The numbers of cells in green (successfully transfected 
cells with the expression of GFP tagged vd4 domain or GFP protein) as well as in red 
(total cells) were counted by cell counter of Image J (NIH). The transfection 
efficiency (Fig. 43G) was calculated by divding the cell number in green (successfully 
transfected cells with the expression of GFP tagged vd4 domain or GFP protein) by 
the cell number in red (total cells). The transfection effieicency was only used to 
normalize the quantification data in the same set of cell migration or cell spreading 
assay. For different sets of cell migration or cell spreading assays, since the 
transfection efficiency varied from set to set, the transfection efficiency assay should 
be re-performed to avoid experimental errors. Fig. 43 showed the transfection 




Figure 43. Transfection efficiency assay. DsRed2-ER HeLa cells were transfected 
with either pEGFP empty vector (A to C) or pEGFP-vd4 construct (D to F). In (A) 
and (D), all cells of the DsRed2-ER HeLa stable cell line were stained with the ER 
structure (red); in (B) and (E), the successfully transfected cells with the expression of 
GFP protein or GFP-tagged vd4 domain respectively are in green; (C) and (F) show 
the transmission channels. 90 images for each cell type were randomly selected from 
three independent assays. The numbers of cells in green as well as in red were 




























ER GFP Transmission 
ER GFP-vd4 Transmission 
A B C 
D E F 
 112
divding the cell number in green by the cell number in red. Error bars represent mean 
± s.e.m. n=3 independent experiments.  
 
The quantification results of cell migration showed that for vd4 domain over-
expressed cells with the inhibited kinectin-kinesin interaction and ER dynamics, the 
cell migration was significantly retarded in both wound healing assay (Fig. 44A) and 
chemotaxis induced migration assay (Fig. 44B) comparing with cells with over-
expressed control vector. Cell migration is a multi-step process involving protrusion 
formation, protrusion adhesion and cell body contraction (Ridley et al., 2003). Focal 
complex assembly, growth (Riveline et al. 2001) and maturation are crucial for cell 
migration (Wozniak et al., 2004). Without the proper focal complex growth and 
maturation, force generation for moving the cell body would be impaired and hence 




Figure 44. Inhibition of cell migration by the disruption of kinectin-kinesin interaction 
and inhibition of ER dynamics. DsRed2-ER HeLa cells were over-expressed with 
either the vd4 domain or control vector. Quantification of cell migration in both 
wound healing assay (A) and chemotaxis-induced migration assay (B) showed a 
significantly retarded cell migration for cells with over-expressed vd4 domain (vd4) 
comparing to control vector over-expressed cells (control). n=3 independent 






















































Cell spreading test 
Kinectin knockdown HeLa cells with the expression of pSilencer-kinectin 
RNAi (Fig. 45A), control HeLa cells with the expression of empty pSilencer vector 
(Fig. 45B) and wild type HeLa cells (Fig. 45C) were seeded onto 20 mm glass bottom 
dishes for cell spreading test. The ER distribution in kinectin knockdown cells was 
peri-nuclear (Santama et al., 2004). Similar as cells with over-expressed vd4, the ER 
dynamics in kinectin knockdown cells is impaired (Ong et al., 2000). Images were 
taken every hour from 0 hr to 6 hr after cell seeding by light microscopy. I found that 
the initiation of cell spreading for kinectin knockdown cells (Fig. 45A) started later 
than control cells (Fig. 45B) and wild type cells (Fig. 45C); meanwhile the cell areas 
measured at all time points for kinectin knockdown cells (Fig. 45A) were smaller than 
control cells (Fig. 45B) and wild type cells (Fig. 45C). The quantification of both cell 
spreading rate (Fig. 46A) and the average of cell area (Fig. 46B) at each time point 
showed reduction for kinectin knockdown cells versus control cells and wild type 
cells. In addition, cells with either over-expressed vd4 domain or over-expressed 
control vector were also used for the spreading assay with the same experimental 
setup. Significant reductions in cell spreading rate and cell area were measured for 
cells with over-expressed vd4 domain (data not shown) comparing with cells with 
over-expressed control vector. This result indicated the inhibition of cell spreading by 
the disruption of kinectin-kinesin interaction and the inhibition of ER dynamics at the 




Figure 45. Cell spreading assay. Kinectin knockdown HeLa cells with the expression 
of pSilencer-kinectin RNAi (A), control HeLa cells with the expression of empty 
pSilencer vector (B) and wild type HeLa cells (C) were used for cell spreading assay. 
Images were taken every hour from 0 hr to 6 hr after cell seeding onto a 20 mm glass 
bottom culture dish by light microscopy. Images taken at 2 hr (left panel), 4 hr 
(middle panel) and 6 hr (right panel) after cell seeding were shown for each cell type. 
The cell spreading rate and cell area for kinectin knockdown cells (A) were reduced 
comparing to control cells (B) and wild type cells (C). White arrows indicate the non-



















Figure 46. Inhibition of cell spreading by disruption of kinectin-kinesin interaction 
and inhibition of ER dynamics. Kinectin knockdown HeLa cells with the expression 
of pSilencer-kinectin RNAi, control HeLa cells with the expression of empty 
pSilencer vector and wild type HeLa cells were used for cell spreading assay. (A) 
Quantification of cell spreading rate by counting the number of spreading cell versus 
non-spreading cells at each time point after cell seeding onto a 20 mm glass bottom 
dish. Kinectin knockdown cells showed the reduced cell spreading rate comparing to 
cells with control vectors and wild type cells. (B) Quantification of the areas of the 
spreading cells at different time points. Kinectin knockdown cells showed the 
reduction in spreading cell area comparing to cells with control vectors and wild type 






















































6.2.4 CLIMP-63 knockdown induced ER disruption and inhibition of cell 
migration 
Besides kinectin-kinesin interaction which drives ER extension along 
microtubule, CLIMP-63 on ER membrane is another adaptor protein that interacts 
with microtubule and maintains the intact ER structure (Nikonov et al., 2007; 
Schweizer et al., 1993). The over-expression or knockdown of CLIMP-63 has a 
drastic effect on ER with the disruption of ER network throughout the cell (Vedrenne 
and Hauri 2006). The relationship between ER and cell migration or spreading was 
studied in CLIMP-63 knockdown cells. CLIMP-63 specific siRNA and control 
siRNA were designed (Gupta et al., 2006; Nikonov et al., 2007; Vedrenne and Hauri, 
2006) and transfected into DsRed2-ER HeLa cells. Western blot analysis of cellular 
CLIMP-63 (Fig. 47A) showed the successful knockdown of CLIMP-63 in cells 
transfected with CLIMP-63 specific siRNA. β-actin was used as the internal control 
(Fig. 47A). In the CLIMP-63 knockdown cells, the ER tubules were fused with no 
clear ER network observed (Fig. 47B and 47D). In contrast, the cells with control 
siRNA showed clear ER network in the cellular lamella (Fig. 47C and 47E). As a 
result, the cell migration in CLIMP-63 knockdown cells was significantly retarded 
comparing with control cells in both wound healing (Fig. 47F) and chemotaxis-
induced migration assay (Fig. 47G). These data suggested a general relationship 
between intact ER structure and cell migration which may imply that ER could be 
able to regulate cell behavior such as cell migration. Future studies on this topic 
would be interesting to understand an ER regulated cell behavior that can be 
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Figure 47. Knocking down of CLIMP-63 induced the disruption of ER structure and 
the inhibition of cell migration. DsRed2-ER HeLa cells were transfected with either 
CLIMP-63 specific siRNA or control siRNA. The successful knockdown of CLIMP-
63 was analyzed by western blot (A), and β-actin was used as internal control. ER 
(yellow) network was disrupted with the fusion of ER tubules in CLIMP-63 
knockdown cell (B) and (D); whereas cells with control siRNA (C) and (E) showed a 
normal ER structure (pointed by arrows). Quantification of cell migration in both 
wound healing cell migration assay (F) and chemotaxis-induced cell migration assay 
(G) showed a significantly retarded cell migration for CLIMP-63 knockdown cells 
comparing to cells transfected with control siRNA. Error bars represent mean ± s.e.m. 

























































CHAPTER VII DISCUSSION  
ER membrane network can distribute in the cellular lamella in a microtubule 
dependent manner (Waterman-Storer and Salmon, 2003). In this thesis, a kinectin-
mediated ER tubule distribution, dynamics and its regulation on cell migration and 
cell spreading at the cellular lamella upon cell membrane adhesion and spreading is 
described. Kinectin, an integral ER protein, serves as a receptor for interaction with 
the microtubule motor kinesin (Kumar et al., 1995; Toyoshima et al., 1992). It is 
responsible for anterograde movement of organelles, especially ER (Ong et al., 2000). 
Kinectin has multiple interaction partners (Vignal et al., 2001), I specifically 
investigated how kinectin’s interaction with kinesin was responsible for the ER 
dynamics at cellular lamella as well as cell migration and spreading. By over-
expressing vd4 domain, the minimal binding domain to kinesin on kinectin, the 
cellular kinecitin-kinesin interactions was disrupted (Fig. 8). 
 
Based on the previous findings of ER resident proteins at focal complexes 
(Tran et al 2002, Wang et al 2006), the accumulation of ER membrane and tubules 
around the ligand coated bead upon HeLa cell-bead interaction was demonstrated (Fig. 
15 to Fig. 18). Moreover, the accumulation was observed as a result of individual ER 
tubule dynamics along the coated bead’s surface, implying an active individual ER 
tubule dynamics upon the cell membrane adhesion and spreading on substrate surface 
(Fig. 19). However, in HeLa cells with knocked down kinectin, the ER accumulation 
around the bead was significantly reduced due to the absence of kinectin-kinesin 
interaction (Fig 29), suggesting an inhibition of ER tubule dynamics via the over-
expression of vd4 domain. On a flat surface, in the process of cell membrane 
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extension, ER tubules extended into the newly adhered cellular lamella in a kinectin-
mediated manner (Fig. 20 and Fig. 21). Over-expression of kinectin vd4 domain 
greatly inhibited the ER tubule dynamics (Fig. 33 and Fig. 35) and led to an impaired 
cell membrane extension and spreading on substrate surface (Fig. 34 and Fig. 35). 
Furthermore, ER tubules in lamella could contact with nascent adhesions --- focal 
complexes (Fig. 22 and Fig. 23) whereas the interaction could be prevented by over-
expressing vd4 domain, suggesting a kinectin mediated ER tubule dynamics towards 
focal complexes at the newly adhered cellular lamella (Fig. 39). I further delineated 
that kinectin-kinesin interaction mediated ER tubule dynamics into the cellular 
lamella to contact focal complexes to support focal complex growth (Fig 39 and Fig. 
40). In live imaging (Fig. 39) and FRAP experiments (Fig. 40), The ER tubule 
dynamics towards integrin β3 plaques seemed a prerequisite for the consequent 
growth (increase in size) of integrin β3 plaques. Since, the signalling by integrins is an 
important event to initiate recruitment of other adhesion proteins (Zimerman et al., 
2004), the recruitment of other adhesion proteins may also occur in an ER dependent 
manner. Indeed, the number of vinculin and paxillin plaques is reduced in cells with 
disrupted kinectin-kinesin interaction (Fig. 38). 
 
The interaction of ER with focal complexes may be due to the interaction of 
ER membrane bound proteins with adhesion proteins as such integrin, talin or 
vinculin. For example, protein tyrosine phosphatase 1B has an ER bound isoform 
which was shown to be important in cell adhesion (Hernandez et al 2006). The 
substrates of PTP1B include integrin, focal adhesion kinase (FAK) and Src which are 
important in adhesion induced signaling pathways (Giancotti and Ruoslahti, 1999). 
The study of more ER bound proteins with their substrates/interaction partners in 
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focal complexes will ultimately delineate the physical interaction of ER with focal 
complexes. Therefore, in the future experimental design, particular ER-bound protein 
rather than ER structure such as ER tubules should be aimed for the study of its 
trafficking, localization and interaction partner at focal complexes in cellular lamella. 
Such results will not only describe the physical interaction between ER and focal 
complexes, but also explain the biochemical function of ER and ER bound proteins at 
focal complexes in the process of cell adhesion and spreading. 
 
As a consequence of the inhibition of ER dynamics and resulting aberrant 
focal complex growth in the newly adhered cellular lamella, in HeLa cells with the 
over-expressed kinectin vd4 domain, membrane protrusions were not stabilized and 
folded back on themselves, generating continuous membrane ruffles (Fig. 35). In 
contrast, in control cells the membrane protrusions were quelled via the membrane 
adhesion to the substratum. As such, aberrant peripheral membrane adhesion and 
extension could likely cause the reduction in spreading and migration of cells with the 
disruption of kinectin-kinesin interaction and inhibition of ER dynamics. Consistent 
with this understanding, cell migration and cell spreading assays were performed 
using cells with over-expressed kinectin vd4 domain or control vector. In cells with 
the disrupted kinectin-kinesin interaction as well as the inhibited ER dynamics, both 
cell migration and spreading rates were significantly reduced (Fig. 44 and Fig. 45).  
 
As the largest membrane structure in cells, ER has been shown to fuse with 
plasma membrane and function as membrane supply in phagocytosis (Simonsen and 
Stenmark, 2008). In addition, ER can act as the Ca2+ reservoir and as a resource for 
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synthesis and modification of proteins and lipids. Disruption of proper ER dynamics 
may result in abnormal localization of the ER and could affect numerous pathways 
essential for focal adhesion formation. For example, Ca2+ at adhesion sites can be 
modulated by ER via actively release or sequestering of Ca2+ (Clapham, 2007). The 
high affinity of the ER lumen for Ca2+ allows for Ca2+ to be transported efficiently 
through its network compared to the cytosol as if it were in a tunnel (Petersen and 
Verkhratsky, 2007). This would allow for localized release at adhesion sites and thus 
local modulation of adhesion turnover rates (Conklin et al., 2005). ER may also 
modulate Ca2+ levels via Stim1, an ER-bound protein which oligomerises upon ER 
calcium store depletion and translocates to the plasma membrane where it induces 
store-operated calcium influx via interaction with Orai1 (Peinelt et al., 2006; Zhang et 
al., 2005). The multi-functional property of ER suggests possible multi-roles of ER in 
the cellular lamella. The future studies of the detailed ER’s roles in focal complex 
growth and the possible interactions of ER with plasma membrane or other 
components in the cellular lamella will be necessary and useful to define the 
mechanism of ER regulated cell behaviors. 
 
For example, since ER provides the place for protein synthesis, the extension 
of ER into cellular lamella introduces not only the proteins but also the protein 
synthesis machinery into the cellular lamella. The lamella is an active site with focal 
complexes where the protein turnover rate is fast (Wehrle-Haller and Imhof, 2002). 
Localized protein synthesis in ER at cellular lamella would provide proteins in short 
time to ensure a fast focal complex development and cell membrane extension. The 
ER can participate directly in local translation by actively translating the localised 
mRNAs or indirectly via the recruitment of protein elongation factors (eEFs) to 
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facilitate local translation (Sutton and Schuman, 2005). In cultured cells, 
immunofluorescence studies of the protein elongation components, eEF1B complex, 
exhibits an ER-like intracellular distribution associated with kinectin (Ong et al., 2006; 
Sanders et al., 1996). Hence, the role of eEF1B complex would be intimately 
associated with ER dynamics. Localised translation is an interesting mechanism that 
would allow for localised expression of adhesion protein at focal adhesion sites where 
they are needed for function. Further experiments would dissect the detailed 
mechanism on how ER promotes focal adhesion growth at the cellular lamella. To test 
this, focal complex proteins such as vinculin, paxillin or integrins could be selected 
for local protein synthesis study. A possible strategy is to perform a pulse-chase assay 
to differentiate the original and newly synthesized proteins locally at focal complexes 
in the presence or absence of ER in cellular lamella. 
 
During cell migration and spreading, cell membrane extensions and 
deformation require the supply of lipids and membrane (Bretscher, 2008a; Bretscher 
and Aguado-Velasco, 1998; Pfenninger et al., 2003). ER is demonstrated to fuse with 
plasma membrane and function as membrane supply in phagocytosis (Simonsen and 
Stenmark, 2008). ER, as the largest membrane structure and lipids reservoir, would 
extend into the cellular lamella region which is close to plasma membrane as 
demonstrated in this thesis and previous findings (Wateman-Storer and Salmon, 2003). 
The question of whether lipids and membrane components can be transported from 
ER to plasma membrane would be investigated in future research.  The membrane 
interaction of ER tubules with plasma membrane may be investigated followed by the 
study of ER membrane fusion with plasma membrane to test whether ER could 
directly provide lipids and membranes. In another case, if there was no direct 
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interaction between ER and plasma membrane, lipids or proteins on/inside vesicles 
shuttled between ER and plasma membrane may be labeled and the presence of ER 
specific lipids/proteins could be analyzed to investigate whether the ER components 
could be transported to the plasma membrane via vesicles. 
 
Through these basic biological studies, a clearer understanding of ER’s 
regulation to cell behaviors in the process of cell adhesion will be unveiled and can be 
used as guides for scaffold or extra-cellular environment design in tissue engineering 
research. In the current study of extra-cellular signal controlled cell behaviors, 
chemical and mechanical signals are applied to mainly influence the strength of 
ligand-receptor interaction and its triggered cytoskeleton rearrangement, and hence 
affect cell deformation (Backdahl et al., 2006; Giselbrecht et al., 2008; Lee et al., 
2006). The understanding of ER regulated cell behaviors may complement the current 
cytoskeleton dominated cell behavior regulation. In addition to the signals that affect 
cell membrane receptors and cytoskeleton, other potential chemical and mechanical 
factors that regulate ER dynamics and functions may be applied in scaffolds or extra-
cellular environments to induce ER changes and hence affect cell behaviors.  
 
To apply chemical or mechanical signals affecting ER’s dynamics or functions 
in extra-cellular environments, the effects of these signals to ER’s dynamics and 
function should be first evaluated systematically in future research. For example, ER 
stress inducer is a kind of chemical drug that can regulate ER’s function. With the 
understanding of ER stress inducer triggered changes in ER dynamics and functions 
as well as the resulted cellular consequences, various ER stress inducer can be added 
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in the extra-cellular environment or coated on scaffold to induce the change of ER 
dynamics or functions to regulate cell behaviors. 
 
Besides ER, other intra-cellular organelles, proteins or vesicles may also 
actively participate in the regulation of cell behaviors upon cell adhesion. For 
example, mitochondria provide energy, such as phosphocreatine for actin 
polymerization and stress fiber contraction (O’Connor et al., 2008). Interestingly, 
mitochondria were found near the cell-bead interaction in TEM photos (Fig. 18), 
suggesting that its redistribution to the leading lamella that needs much more energy 
would be highly possible. Based on the understanding of intra-cellular component 
regulated cell behaviors, in the future design of scaffolds and extra-cellular 
environments, factors that can regulate these intra-cellular component distribution and 
functions should be identified and applied together with the known signals that affect 
cytoskeleton to achieve the best cell or tissue performance. 
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APPENDIX A FABRICATION AND CHARACTERIZATION OF THE BEAD 
 
A1 Fabrication of the Dynabead® paramagnetic bead 
The bead used in this thesis is the Dynabead® paramagnetic polystyrene bead 
(Ugelstad, J. et al 1987), which is consisted of a polymer core (Fig. A1 A), a metal 
oxide/polymer coating (Fig. A1 B), a protect polymer coating (Fig. A1 C), as well as a 
functionalized polymer coating (Fig. A1 D) (Wang, C. H. et al 1992). Paramagnetic 
materials do not retain any magnetization in the absence of an externally applied 
magnetic field, whereas magnetic materials always have magnetization. 
 
Figure A1. The schematic cross-section of the paramagnetic polymer bead (Wang, C. 
H. et al 1992). (A) represents a polymer core, (B) is a metal oxide/polymer coating, 
(C) is the protect polymer coating and (D) is a functionalized polymer coating. 
 
The polymer core can be obtained by emulsion polymerization or suspension 
polymerization (Wang, C. H. et al 1992). Both of them are commonly used to 
fabricate polymers. Emulsion polymerization is a type of radical polymerization that 
usually starts with an emulsion with water, monomers, and surfactant. Suspension 
polymerization is a polymerization process that uses mechanical agitation to mix the 
monomer or the mixture of monomers in a liquid phase such as water; and the 





There are different types of monomers can be used to prepare the polymer core, such 
as styrene, methyl methacrylate and vinyltoluene. The mixture of monomers can also 
be applied (Chen, K. S. et al 2005). For example, the Dynabead® polystyrene bead has 
a polymer core with a copolymer of 80% styrene and 20% divinylbenzene (Ugelstad, 
J. et al 1987).  
 
The monomer used for magnetic metal oxide coating and protective coating 
may or may not be the same as the polymer core. The metal oxide is prepared from a 
mixture of ferrous and ferric salt. It is produced by heating and precipitating the 
mixture of divalent and trivalent ferrous and ferric sulfate or chloride with sodium 
hydroxide solution (Wang, C. H. et al 1992). The molar ratio of divalent to trivalent 
metal salt can be controlled to obtain desirable magnetic characteristics of the metal 
oxide (Wang, C. H. et al 1992). The prepared metal oxide is mixed with monomers 
and coated onto the polymer core to form the metal oxide/polymer layer. In addition, 
the thickness of this layer can be controlled by varying the weight ratio of the 
monomers in polymer core and monomers in metal oxide/polymer layer (Wang, C. H. 
et al 1992). In order to prevent the falling off of the magnetic oxide, a polystyrene 
protective layer can be used to coat the magnetic particles (Wang, C. H. et al 1992).  
 
Covalent conjugation with biological materials on beads’ surface can be 
achieved by coating the beads with a functionalized polymer layer with different 
functional groups such as carboxyl, amino, tosyl or hydroxyl groups. These functional 
groups can be coupled to the polymer particle surfaces. For example, 
 III
post-polymerization nitration can be used to introduce nitro group on the polymeric 
particle surfaces. (Fonnum, G. et al 2006). Alternatively, they can be resulted from the 
use of functionalized co-mononers.  For instance, monomers can be mixed and 
polymerize with epoxides such as glycidol or allylgllycidyl ether to form a 
functionalized layer on the polymeric particle surfaces (Fonnum, G. et al 2006). 
 
As the size of the bead ranges from 1 µm to more than 10 µm, the bead can be 
used as three-dimensional external environments with various types of signals or with 
different signal densities to interact with cells (Trans, H. et al 2002). For example, 
after the conjugation with different types of ECM ligands, such as fibronectin, the 
cellular responses upon the cell-bead interaction can be systematically analyzed. 
Moreover, because DNAs and proteins such as antigen or antibody can be conjugated 
to beads’ surfaces, the bead can be used to separate cells with specific receptors or to 
purify cells in biomedical applications (Ugelstad, J.  et al 1987; Wang, C. H. et al 
1992; Fonnum, G. et al 2006). The paramagnetism of the bead provides the ease to 




A2.1 Structural characterization 
 The size, shape and surface features of the beads can be characterized by different 
types of electron microscope. Different from light microscope, electron microscope 
uses electrons to generate an image with high magnification. Scanning electron 
microscope (SEM) and transmission electron microscope (TEM) have been heavily 
used in both material science and biological science. SEM can be used to provide high 
resolution image of a sample surface with a three-dimensional appearance. Its 
resolution can range from 1 nm to 20 nm. For example, the structure of porous 
polymer scaffolds, nanofibers (Li, W. et al 2001; Huang, Z. et al 2003; Zhang, S. et al 
2005), nanopillars (Kuo, C. W. et al 2003; Mao, P. and Han, J. 2005), as well as 
nanochannels (Lee, C. et al 2003; Mao, P. and Han, J. 2005) have all been 
characterized by SEM. The size and the shape of beads I used in this thesis were 
characterized by SEM as shown in Figure A2. However, the functional groups and 
conjugated ligands on beads’ surface are hardly to be seen using SEM.  
 
Figure A2. Paramagnetic beads with diameter of 4.5µm viewed by SEM. (A) Lower 
magnification (4,000×) was used to examine the size, shape and uniformity of the 
bead. (B) Higher magnification (15,000×) was used to examine surface topography. 
A B
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A2.2 Chemical characterization 
Chemical instruments can be used to characterize the chemical components on 
the ligand conjugated bead’s surface. For examples, X-ray photoelectron spectroscopy 
(XPS) spectra are obtained by irradiating a material with a beam of X-ray; it can be 
used to quantitatively analyze the chemical elements of a surface with a depth of 1-10 
nm as well as the chemical or electronic state of each element of the surface. 
Therefore, the use of XPS helps the detection of a successful surface modification 
(Kang, E. T. and Tan, K. L. 1996; Barry, J. J. A. et al 2006). The XPS graphs of Figure 
9 in Chapter III showed the introduction of N1s on the bead surface by coating 
fibronectin. Besides XPS, another potential instrument can be used for surface 
chemical characterization is energy dispersive X-ray spectroscopy (EDX), in which an 
electron or photon beam is used to excite the samples with ground state electrons in 
inner shell of an element to result in the electron hole in an atom’s electronic structure; 
and the filling in of this hole by the electrons from the outer shell can emit excess 
energy in the form of X-ray that can be detected. Each specific element will have 
highly specific spectral lines. Similar as XPS, EDX has also been used for chemical 
characterization of many types of three-dimensional scaffold for surface modifications. 
For deeper surface characterization down to 1 µm of a surface, fourier transform 
infrared spectroscopy (FTIR) can be used. FTIR is particularly useful to analyze 
functional groups such as C=O, C-N or –NO2 on surfaces because each functional 
group has characteristic infrared absorptions. The surface compositions and properties 
of various three-dimensional scaffolds like fibers (Nazarov, R. et al 2004), particles 
 VI
and surface coatings can be applied for FTIR analysis.  
 
A2.3 Mechanical characterization 
The mechanical properties such as the stiffness and topography of the bead’s 
surface can be characterized by atomic force microscopy (AFM). Comparing with 
SEM, AFM can provide three-dimensional surface profile and higher resolution 
images. The samples viewed by AFM do not require special treatments, such as 
coating of a metal, to avoid any damage to the sample. In addition to its topographic 
measurement, AFM can sense piconewton forces and subnanometer displacement and 
hence can measure the stiffness of the bead or any engineered scaffold (Dufrene, Y. F. 
2002). Moreover, AFM can measure the binding force between integrins and ligands 
on the bead’s surface to evaluate the cell-bead interactions (Moy, V. T. et al 1994; 
Lehenkari, P. P. and Horton, M. A. 1999). 
 
Another instrument that can be used to characterize the cell-bead interaction is 
optical tweezers, which use light to manipulate microscopic objects at low 
temperature (Ashkin, A. 1970; Chu. S.1991). Its principle is based on the radiation 
pressure exerted by a light beam on dielectric objects. Besides manipulation of small 
objects, optical tweezers can be used to measure intermolecular forces in the range of 
piconewtons (Kuo. S. C and Sheetz, M. P. 1993), as well as the elasticity of scaffold 
such as nanofibers (Smith, S. B. et al 1996).  
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